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Abstract 
Microbial mats are self-contained organosedimentary ecosystems that played an 
important role in the evolution of early life on Earth. Understanding the conditions of their 
formation and preservation in the fossil record could provide valuable insights into 
microbe-mineral interactions and paleoenvironmental reconstruction. Diatoms are found 
at the surface of extant microbial mats, but their frustules are not observed at depth and 
rarely in fossil microbialites, which suggest their frustules dissolve. The objective of this 
study is to investigate the role of cyanobacterial photosynthesis, which locally elevates 
pH, in the dissolution of diatoms frustules. Field data and laboratory studies determined 
the effect of pH and other environmental factors (e.g. temperature and salinity) on the 
dynamics of silica dissolution. Dissolved silica was measured over time in chemical and 
cyanobacterial incubations to which diatom frustules were added. Intact microbial mats 
were augmented with frustules to investigate the disappearance of diatoms with depth. 
Field-based and experimental observations were compared to a chemical equilibrium 
model.  
In chemical experiments, dissolution increases with pH, temperature, fracturing 
of frustules and the degree of undersaturation of silica in solution and was confirmed by 
the model. T. pseudonana dissolved at a greater rate than N. closterium across 
treatments.  In cyanobacterial enrichments, the pH remained above 9 for most of the 
daylight period and dissolved silica concentrations increased. There were no clear 
trends observed with increased salinity. The preservation potential of diatom frustules 
within the mat was evaluated in the context of what was observed in the field, in lab 
experiments, and the model. Increased understanding of the fate of diatoms in extant 
systems facilitates a more accurately interpretation of fossil mats and ancient 
environments. 
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1. INTRODUCTION 
1.1 Background  
 Understanding the fossil record is essential to the interpretation of how 
Earth has evolved through time. Earth’s early evolution is incompletely 
understood and can be inferred mostly through interpreting the rock record.  By 
looking at contemporary mechanisms through which rocks and fossils are 
created and preserved, we can attempt to reconstruct environmental conditions 
from the past. Laminated lithified structures, thought to be a result of microbial 
precipitation, can be dated back as far as 3.7 billion years (Nutman et al., 2016). 
These laminated structures appear to have been abundant in deep time, were 
present throughout at least 80% of Earth’s history, up to today (Myshrall et al., 
2014; Dupraz and Visscher, 2005), and were formed by microbial mat 
communities. Finding modern day examples that mimic ancient environments is 
difficult because the conditions of early Earth were very different than today. 
Possibly the best proxies of the past are lithified microbial mats (Stal and 
Caumette, 1994).  
Microbial mats are self-contained ecosystems that provide a valuable 
window into the past (Noffke et al., 2006). Microbial mats played an important 
role in the evolution of life on Earth because they provided an ideal environment 
and a substrate for early metabolisms to evolve (Tice and Lowe, 2004; Allwood 
et al., 2006; Schopf et al., 2007). Arguably, these laminated communities provide 
the oldest evidence of life on Earth known to date, and are widely regarded as 
Earth’s earliest ecosystems (Walter et al., 1980, Cohen et al., 1984). The first 
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possible evidence of photosynthetic organisms is found in fossil mats 
approximately 3.5 billion years old in Western Australia (Figure 1) (Allwood et al., 
2007). Many microbes can facilitate lithification and form laminated structures 
(Visscher et al., 1998), but filamentous anoxygenic and later oxygenic 
phototrophs are assumed to play a pivotal role (Reid et al., 2000). The 
proliferation of photosynthetic organisms and their ability to fix CO2 and produce 
O2, are thought to have eventually oxygenated the atmosphere (Kasting, 1991; 
Holland, 1994; Des Marais, 2000; Dupraz and Visscher, 2005). Microbial mats 
could have also played a critical role in the evolution of nitrogen fixation and 
associated release of H2 (Hoehler et al., 2001). Furthermore, microbial mats may 
have facilitated the development of eukaryotes because of the close proximity of 
a wide variety of microbes within mat communities (Margulis et al., 1980; Nisbet 
and Fowler, 1999).  
 
Figure 1. 3.7 billion year old stromatolite from Warawoona, Pilbara (Western Australia) (Image by 
Visscher). 
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The evolutionary significance of these sedimentary ecosystems, as well as 
their biogeochemical complexity and microbial diversity, make them model 
systems for understanding the evolution of life on our planet (Toporski et al., 
2003; Dupraz et al., 2009). Analogs of the microbial mats found in the fossil 
record are present in today’s tidal and shallow-shelf environments (Simonson 
and Carney, 1999; Hagadorn and Bottjer, 1999; Gehling, 1999; 2000; Noffke et 
al., 2006). These contemporary mats can be used as model ecosystems for 
element cycling (e.g., carbon, nitrogen and sulfur) and microbe-mineral 
interactions (e.g., precipitation and dissolution of carbonates, silicates, and 
oxides) (Visscher and Stolz, 2005; Dupraz and Visscher, 2005). Determining how 
conditions within extant microbial mats influence the precipitation and dissolution 
of minerals can enhance understanding of the conditions under which ancient 
mats were preserved in the fossil record.  
1.2  Preservation and fossilization of mats. 
Fossilized mats may tell us about conditions on early Earth, but the fossil 
record from this time can be challenging to interpret. Microbes do not fossilize, 
and their biosignatures are difficult to identify in the rock record. Abiotic and biotic 
precipitation can be difficult to differentiate and has been a point of discussion in 
the literature (Buick et al., 1981; Grotzinger and Knoll, 1999). Indicators of fossil 
microbialites (Figure 2) include: cohesive behavior, ripple patches (Figure 2, 
panel A), wavy-crinkly character of laminae (Figure 2, panel B), irregular wrinkled 
bed surfaces (Figure 2, panel C), irregular or curved-wrinkled impressions on 
bedding planes (Figure 2, panel D), domal buildups (Figure 2, panels E and F), 
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laminae with mica enrichment, and lamina-specific distribution of early diagenetic 
minerals (e.g. dolomite, ferroan carbonate, pyrite) (Myshrall et al., 2014). For the 
purpose of this discussion, diagenesis includes all chemical, physical, and 
biological alteration after the initial precipitation or deposition of a mineral, as it is 
altered from sediment to a sedimentary rock (Ginsburg, 1957). 
 
Figure 2. Microbially-induced sedimentary structures. Images show typical structures formed on 
mat-stabilized sediments, such as irregular wrinkle structures, domal build up and cohesive 
behavior. (Image from Kumar and Ahmad, 2014). 
Destruction of the original fabric and biosignatures, as well as 
remineralization and alteration of the original fossils, can hinder correct 
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interpretation. Accurate reconstruction of ancient communities from fossil records 
is further complicated by preservational biases and loss of fine-scale 
microstructural characteristics during digenesis (Cady and Farmer, 1996). Most 
microbialite fossils are found in marine settings (Myshrall et al., 2014). This 
observation may not accurately represent the original distribution of microbialites, 
considering a better preservation potential in buffered systems (e.g. alkaline 
lakes when compared to continental settings and freshwater lakes) (Myshrall et 
al., 2014). Slow degradation and early diagenetic mineralization are usually a 
prerequisite for preservation. Non-lithified mats can be found in the fossil record 
in the form of roll-up structures and other microbially induced sedimentary 
structures (MISS) under (a few) unusual circumstances such as rapid burial, but 
are generally not well preserved (Noffke 2009; Tice and Lowe, 2004). Fast 
sedimentation rates result in enhanced preservation, although microbes within 
the mat may expedite degradation. Given that remineralization, destruction of 
microfabrics, and preservational biases can affect interpretation of these 
microbial structures, it is important to gain insight into early diagenetic processes 
involved in forming the final rock record. 
1.3   Linking the past to the present 
Key characteristics of microbial mat fabrics found in the fossil record 
resemble mats found today (Noffke, 2009). In order to better interpret fossilized 
mats, modern analogs can be studied as a proxy for mineral formation and 
preservation. The conditions of early Earth did not support aerobic respiration, 
but extant mats may contain microbes that have metabolisms that have adapted 
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to extreme environments (e.g. anoxia, high temperatures, high salinity) 
comparable to conditions in deep time (Knauth, 2005). In the absence of oxygen, 
other element cycles were needed to support energetic requirements.  Microbial 
mats communities have diverse metabolisms that provide insight into how O2-
independent metabolisms may have functioned in deep time. Modern day 
analogs of ancient microbialites (lithifying mats) exist in many places including 
Australia, the Bahamas, and other shallow marine environments, as well as in 
some hypersaline lakes such as Great Salt Lake in Utah, and in hot springs such 
as those found in Yellowstone National Park (Myshrall et al., 2014).   
1.4       Extant microbial mats 
Microbial mats are benthic, laminated organosedimentary ecosystems 
comprised of diverse microbial populations that can develop in lagoons, marine 
intertidal and subtidal zones, hypersaline ponds, hot springs and fresh water 
rivers and lakes (Dupraz and Visscher, 2005). The availability of light controls the 
distribution of organisms within the mat. A variety of different metabolisms cycle 
elements such as carbon, oxygen, sulfur, nitrogen, and iron and gain energy 
through redox reactions (Visscher and Stolz, 2005). Mats comprise dense 
populations of microbes with high metabolic rates. The rate of cyanobacterial 
photosynthesis in mats rivals rates of oxygen production (floor to canopy) in 
rainforests (Guerrero and Mas, 1989). Other metabolic rates are also high, which 
results in steep geochemical gradients (e.g., oxygen and sulfide; Figure 3, panels 
A and C).  
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Microbial mat communities can be categorized by six functional groups of 
microbes (van Gemerden, 1993; Dupraz and Visscher, 2005). First, oxygenic 
phototrophs, predominantly cyanobacteria, are found at the (sub) surface of the 
mat. Intense light inhibits photosynthesis of cyanobacteria. A layer of dead 
organisms on the surface quenches the light, enabling optimal conditions for 
photosynthesis at the subsurface. Just beneath the surface of the mat, 
cyanobacterial photosynthesis causes a peak in oxygen concentration. Aerobic 
respiration results in the depletion of oxygen at depth. Concentration of free 
hydrogen sulfide increases with depth (Figure 3, panel A).  Second, aerobic 
heterotrophic bacteria gain energy from the respiration of organic carbon with O2 
at the interface of oxygen and sulfide (which moves vertically over a diel cycle), 
(Figure 3, panel B). Third, anoxygenic phototrophs—purple and green (non) 
sulfur bacteria that use HS-, Fe(II), H2, and As(III) as an electron donor for 
photosynthesis—can be present if light is able to penetrate to this depth. Fourth, 
anaerobic heterotrophs, predominantly sulfate-reducing bacteria, respire organic 
carbon (or hydrogen) with sulfate, thiosulfate, polythionates and sulfur, while 
producing HS-. These heterotrophs utilize the organic compounds produced by 
primary production as well as the products of fermentation. Fifth, sulfide oxidizing 
bacteria oxidize reduced sulfur compounds with O2 or NO3- (van Gemerden, 
1993; Dupraz and Visscher, 2005) and are often autotrophs. Finally, in the 
absence of O2, fermenters (and some heterotrophs) gain energy from using 
organic carbon or sulfur compounds both as electron donor and acceptor (Figure 
3, panel B).  
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Organisms are active at different depths within the mat and at different 
times of day depending on the availability of light and consequentially that of 
oxygen. Therefore, the combined effects of these metabolisms depend on the 
presence or absence of O2 and thus on time of the day and location within the 
mat. During the day, high rates of photosynthesis just beneath the surface of the 
mat (typically 1-2mm depth) increase the oxygen concentration and the pH 
(Figure 3, panel C). Respiration causes pH to decrease due to the oxidation of 
organic carbon to CO2. 
 
Figure 3. Schematic representation of a microbial mat showing geochemical gradients during the 
day and night. The middle panel shows key groups of microbes with metabolic reactions as these 
impact carbonate precipitation and dissolution. Combined metabolic activities create geochemical 
gradients. Extreme diel fluctuations of O2, sulfide, and pH cause a spatial and temporal shift in 
the carbonate equilibrium, which determines chemical precipitation and dissolution (Dupraz and 
Visscher, 2005)  
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1.5 Microbialites 
Lithified mats are referred to as microbialites. There are three different 
types of microbialite fabrics. Laminated fabrics are referred to as stromatolites 
(Figure 4, panel A) and form by trapping and binding sediments and the 
precipitation of minerals, which results in upward growth of the microbialites 
(Riding, 1999). Non-laminated, irregular or clotted microbial fabrics form 
thrombolites (Figure 4, panel B). The formation of this microbialite fabric is still 
not fully understood, but there are several different theories as to how clotted 
structures form, such as bioturbation, colonization by eukaryotes, or composition 
of the microbial community (e.g. the presence of filamentous and coccoid 
cyanobacteria) (Walter and Heys, 1985, Planavsky et al., 2009; Dupraz et al., 
2009). The appearance of thrombolites in the fossil record approximately 1.9 
billion years ago coincides with the evolution of protozoa, so thrombolite 
formation could be attributed to their grazing (Edgcomb et al., 2013). Leiolites are 
microbial structures that lack any features on the mesoscale (Figure 4, panel C) 
(Riding, 2000).  
 
Figure 4. Macroscale fabrics of stromatolites, thrombolites and leiolites. Panel A shows a 
laminated stromatolite. Panel B shows a thrombolite with an irregular clotted fabric. Panel C 
shows a leiolite with an aphantic fabric on the mesoscale (Image by Dupraz).  
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1.6 EPS 
Many organisms produce exopolymeric substances (EPS), which form the 
matrix of the mat and have chemical properties that promote the heterogeneous 
formation of microenvironments with vastly different geochemical environments 
(Dupraz and Visscher, 2005). EPS consist of various macromolecules, such as 
polysaccharides, polypeptides and eDNA (Marvasi et al., 2010; Dupraz and 
Visscher, 2005). EPS within the mat can be produced by cyanobacteria, but 
other organisms (e.g., diatoms, anoxygenic phototrophs and heterotrophs) also 
produce EPS with different compositions, structures, and functions (Braissant et 
al., 2007). EPS serve a variety of different functions that include UV protection 
and stabilization of a substrate (e.g. underlying sediment). EPS produced by 
organisms in the mat trap and bind sediment, resulting in sedimentation and 
upward growth of the mat. EPS cover microbes, chelate cations (e.g. Ca2+, 
Mg2+), and provide nucleation sites for mineral precipitation (Dupraz and Visscher 
2005; Sforna et al., 2017).   
1.7  Microbe-mineral interactions  
The precipitation of minerals is key in microbialite formation. Steep 
geochemical gradients caused by high metabolic rates and fluctuations from day 
to night change the pH, which could induce precipitation or dissolution of 
minerals. The metabolisms of microbes can affect the saturation index of 
carbonate in the mat (Visscher et al., 1998; Visscher and Stolz 2005). Some 
microbes alter the saturation index in favor of precipitation of carbonate minerals, 
while others favor dissolution (Figure 3). The net effect of the metabolisms of the 
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entire community determines whether carbonate precipitates or dissolves. 
Photosynthesis, certain types of sulfate-reduction, and methanogenesis increase 
pH, while aerobic heterotrophic respiration, other types of sulfate-reduction, and 
sulfide-oxidation decrease pH (Visscher and Stolz, 2005; Gallagher et al., 2012).  
Mineral precipitation depends on two factors: the presence of nucleation 
sites and saturation with respect to calcium carbonate. Functional groups in EPS 
also bind calcium (Ca2+) and magnesium (Mg2+), in which case it can be a 
reservoir for these cations. Degradation of EPS can release HCO3- and Ca2+, 
which can precipitate (Equation 3). Predominantly, EPS and cell surfaces provide 
nucleation sites necessary for mineral precipitation (Dupraz and Visscher, 2005). 
Microbially-induced precipitation of calcium carbonate occurs when 
cyanobacteria and other organisms increase the pH (and alkalinity) via 
photosynthesis or other processes (Figure 3), which can cause a shift in the 
carbonate equilibrium effecting the saturation index of calcium and lead to 
CaCO3 precipitation. A shift in pH may also play a role in silica mineral dynamics.     
1.8  Role of photosynthesis on pH fluctuations  
Photosynthesis causes extreme fluctuations in vertical gradients from light 
to dark. At night, photosynthesis ceases, and respiration (fermentation) 
decreases the pH of the mat. High rates of photosynthesis can change the local 
physicochemical conditions through CO2 consumption (Equation 1). During 
cyanobacterial photosynthesis in mats, the demand for CO2 can exceed 
diffusion. The dissociation of bicarbonate (HCO3-) forms CO2 and OH- (Equation 
2). This increases the pH locally in the mat depending on buffering capacity.  
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CO2 + H2O  CH2O + O2 (biological)   (Equation 1) 
HCO3-   CO2 + OH- (chemical)   (Equation 2) 
Ca2+ + HCO3-  CaCO3(s) + H+ (chemical)  (Equation 3) 
Sum: 2HCO3- + Ca2+  CH2O + O2 + CaCO3(s) (Equation 4) 
The pH within the mat can be as high as 11 during periods of peak 
photosynthesis (Visscher and Stolz, 2005). The solubility of silica increases at 
higher pH: Silica can dissolve at a pH of 9 or greater (Alexander et al. 1954). 
Biogenic silica of diatom frustules is even more strongly affected by elevated pH 
than crystalline quartz grains of sand. Crystalline quartz has a uniform crystal 
structure, which makes it more resistant to dissolution (Figure 5, right panel). 
Biogenic silica has an amorphous crystal structure, which means that it does not 
have a defined crystal structure and makes it more soluble than crystalline quartz 
(Figure 5, left panel). Fluctuations of pH within microbial mats may dissolve 
diatoms, impacting their preservation potential.  
 
Figure 5. Structure of silica. The left panel shows amorphous silica with an undefined crystal 
structure. The right panel shows crystalline quartz with a uniform lattice structure and defined 
bond length. Consequently, amorphous silica, e.g., biogenic silica, is more soluble than crystalline 
quartz. (Image by Bernstein and Carpi, 2015). 
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1.9   Diatoms  
Diatoms are a monophyletic group of unicellular phytoplankton that produce 
two silicate valves called thecae that together they form a frustule, the term given 
the cell wall in this group. There are two distinct morphologies of diatoms, 
pennate (bilaterally symmetrical, Figure 6, left panel) and centric (radially 
symmetrical, Figure 6, right panel) (Karthick, 2015). They can be benthic or 
pelagic and are present in both freshwater and marine environments. Silica 
content and frustule thickness vary greatly between and within species. These 
properties are determined by growth rate and the availability of external nutrients 
(Lewin, 1961). Slower-growing and marine diatoms tend to have a higher silica 
content (Conley et al., 1989). Benthic diatoms typically prefer silty sediments with 
a smaller grain size than the more coarse sand generally colonized by microbial 
mats, although they can be found at the surface of microbial mats. Pelagic 
diatoms can settle from the water column onto the surface of the mat.  
In the open ocean, microbial degradation of frustules occurs in the pelagic 
zone as the cell sinks, which serves as a driving force in the recycling of biogenic 
silica (Biddle and Azam, 2001). After cell lysis, the organic coatings of the diatom 
frustules are stripped away by microbial activity and the frustules gradually 
dissolve in seawater undersaturated with silica, to be used in future production 
(Biddle and Azam, 1999). Approximately 97% of biogenic silica in the ocean is 
recycled in this way (Biddle and Azam, 2001).  The conditions near the coast are 
much different than the open ocean; for example, the pH can fluctuate as can 
salinity as there can be variations in the input of freshwater. These variations 
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could influence the recycling and preservation of silica in coastal environments 
such as tidal marshes.  
 
Figure 6. Diatom morphology. SEM images show diatoms cultured for dissolution experiments. 
The left panel is a benthic, pennate diatom, Nitzschia closterium. The right panel shows a centric, 
pelagic diatom, Thalassiosira pseudonana. 
 
1.10 Diatom preservation in the fossil record 
If diatoms are preserved, they can be useful for paleontological dating due to 
their abundance in the fossil record and diverse morphology (Ryves et al., 2006). 
It is important to identify factors that influence dissolution of the frustules, as this 
effects the preservation potential for diatoms within the mat and how they appear 
in the fossil record.  
The oldest known diatom, Pyxidicula, appears in the Early Jurassic (190-
180 Mya), along with a very small number of other lineages (Rothpletz, 1896). An 
increase in diatom abundance and the first appearance of pennate diatoms 
coincide approximately 70 million years ago.. After, during the Cretaceous. Their 
Cenozoic fossil record is extensive and fairly continuous. There is a discrepancy 
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between paleontological estimates and molecular data, which suggests that 
diatoms may have evolved earlier than they appear in the fossil record (Sims et 
al., 2006). Molecular clock dating of 28S-rRNA assumes a rate of mutation to 
calculate evolutionary divergence, and suggests that the evolution of the diatom 
could have occurred 500 million years ago (Tappan and Loeblich, 1971; 
Loeblich, 1974; Simonsen, 1979; Round and Crawford, 1981; Strelnikova, 1990; 
Sims et al., 2006, Schieber et al., 2000). The earliest ancestors of diatoms may 
be found as microfossils with siliceous scales (Mann and Marchant, 1989). The 
discrepancy in the fossil record from molecular estimates of when diatoms could 
have evolved and when they first appear may be due to the thinness of the 
frustule, which hinders preservation. Temporal instability of biogenic opal and a 
narrow biogeographical distribution before the Jurassic could have contributed to 
a misrepresentation of diatoms in the fossil record (Philippe et. al., 1994). If 
diatoms were not preserved, then their abundance in deep time may be greater 
than the fossil record suggests. 
Due to their siliceous frustules, diatoms have the potential to be well 
preserved in the fossil record and could provide insight into evolution, 
temperature and environmental conditions based on species niches and growth 
rates. However, in order to properly interpret the diatom fossil record, we need to 
understand the mechanisms involved in the formation of fossils and the factors 
that influence preservation potential (Ryves et al., 2001).  Diatoms might go back 
further in the fossil record than paleontological data suggests, and determining 
what environmental conditions affect the fossilization of diatoms could provide 
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insight into environmental conditions in areas where they were likely present, but 
not preserved. Understanding how biogenic silica dissolves could also contribute 
to an enhanced understanding of the preservation of more ancient life forms that 
evolved before diatoms, such as radiolarians and sponges, which also have 
siliceous skeletons. 
1.11  Research Objective and Hypothesis  
Diatoms are found at the surface of microbial mats, but not at depth, 
potentially as the result of dissolution (D’Amelio D’Antonio et al., 1989). In order 
to correctly interpret the fossil record of mats, we need to understand why the 
frustules are not preserved. The objective of this study is to investigate the role of 
photosynthesis in the dissolution of diatoms frustules. If dissolution of diatoms is 
enhanced within the mat, this would explain their absence at depth and their 
limited preservation potential. The hypothesis is that cyanobacterial 
photosynthesis locally increases the pH, which results in dissolution of 
diatom frustules. The purpose of this study is to evaluate the influence of pH, 
and possibly other environmental factors, on the dissolution of biogenic silica and 
relate this to absence of diatoms in fossil microbial mats.  
1.12 Outline of thesis work  
Field data were collected to determine how pH, light, temperature, and other 
physicochemical conditions in the mat fluctuated during the day. Laboratory 
studies were designed with increasing system complexity. First, abiotic (i.e., 
chemical) experiments were carried out to determine the effects of pH, 
temperature, and salinity on the dissolution of diatoms frustules. Second, the 
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effect of cyanobacterial photosynthesis on diatom dissolution was explored in 
enrichment cultures of these phototrophs. Third, intact microbial mats were 
augmented with diatom frustules to investigate the disappearance of diatoms 
with depth. Field-based and experimental observations were compared to the 
output of a chemical equilibrium model. The preservation potential of diatom 
frustules within the mat was evaluated in the context of what was observed in the 
field, in lab experiments, and what is expected from model output.  
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2.0 MATERIALS AND METHODS 
2.1 Fieldwork  
2.1.1 Field site description 
Barn Island Wildlife Management Area (41° 20' N, 71° 51’ W) is located on 
the coast of Stonington, Connecticut and contains 290 acres of intertidal salt 
marsh (Figure 8). It is a part of Little Narragansett Bay in the extreme southeast 
corner of the state and is protected by headlands (Figure 7) (ct.audubon.org). It 
is the largest coastal wildlife management area in the state and has been a site 
for restoration and monitoring since mosquito ditching in 1931-1932, which 
resulted in the decline of waterfowl populations. Impoundments led to the 
infestation of Typha angustifolia. The impoundments directly upstream of the field 
site were removed to restore tidal flushing of the marsh in 1978 and a covert was 
installed in 1982. The lower marsh area is dominated by Spartina alterniflora and 
Spartina patens. Microbial mats develop in areas where vegetation was removed 
by ice and extreme weather. 
The sampling site was a salt marsh that is partially inundated at high tide (10-20 
cm of water) (Figure 9, left panel) and is exposed to the atmosphere at low tide 
sometimes for several hours (Figure 9, right panel). Samples were collected on 
the east side of the marsh at 41° 20' 23.28" N, 71° 52' 23.16" W (Figure 10).This 
site provided an easily accessible and highly productive microbial mat system. 
Environmental conditions within the marsh are affected by the seasons, tides, 
and diel fluctuations of light intensity.  
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Figure 7. Google Maps image of Barn Island Wildlife Management Area. Barn Island as part of 
Little Narragansett Bay in the extreme southeast corner of CT.  
 
 
Figure 8. Aerial image of Barn Island Wildlife Management Area. The red star marks the location 
of environmental monitoring and sample collection. 
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Figure 9. Microbial mats at Barn Island. Images of Barn Island showing the difference between 
the salt marsh at high tide (left panel), inundated with approximately 7 cm of water on the day of 
sampling and low tide (right panel), when the water overlying the mat evaporates and the mat is 
exposed to the atmosphere.  
 
 
Figure 10. Barn Island tidal marsh where samples were collected. The yellow symbols mark the 
location of the field site.   
2.1.2 Sample collection  
Samples of microbial mats excised with a knife and spatula were placed 
into clean plastic containers. Water from the site was collected in one-liter 
Nalgene bottles and added to the mat samples after transport back to the lab. 
Samples were rectangular and ranged from 150 cm2 to 250 cm2 in surface area 
and were between one centimeter and four centimeters thick. Samples not being 
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used immediately were stored at 4 oC. Upon immediate return to the lab (typically 
within one hour), some of the site water was filtered using a 0.22 μm 
polycarbonate filter under mild vacuum and stored at 4 oC in the refrigerator until 
analysis for dissolved silica.    
2.1.3 Field data collection 
Physiochemical conditions were measured at the surface of the mat on 
August 20, 2017 in order to assess fluctuations throughout the day and tidal 
cycle. Temperature, salinity, pH, light intensity and water depth were measured 
over a period of 14 hours every 30 minutes from 06:00 to 20:00. High tide was at 
7:54 and 20:21, and low tide was at 14:27. A FiveGo Duo Pro conductivity and 
pH meter (Mettler Toledo, Westfield, MA) was used to measure the pH of the 
water and surface of the mat. A MR100ATC refractometer (Milwaukee 
Instruments, Rocky Mount, NC) was used to measure salinity. A digital 
thermometer (Fisher Scientific, Hampton, NH) was used to measure the 
temperature of the overlying water and in the upper 5 mm of the mat. A LiCor LI-
250A light meter in combination with LI-190 quantum sensor light (Licor, Lincoln, 
NE) was used to measure the photosynthetically active radiation (PAR, 400-600 
nm) just above the water. Notes on weather conditions, cloud coverage and 
approximate air temperature were also recorded based on personal observation.  
2.2 Laboratory Analyses  
2.2.1 Dissolved silica  
Dissolved silica was measured colorimetrically using a molybdosilicate 
method (Kahler, 1941). This method measures the “molybdate-reactive silica” by 
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reducing the yellow molybdosilicate complex with sodium sulfite at pH 2. The 
reaction produces a light blue color, which is measured using a Genesys 20 
spectrophotometer (Thermo Scientific, Hampton NH) at wavelength of 808 nm.  
Two milliliters of sample were filtered using 0.22 μm polycarbonate filters 
and a plastic filtration device (Gelman, Ann-Arbor MI). The filtrate was transferred 
to a 2 mL plastic microcentrifuge tube. Two replicates of each sample were 
taken. The pH of the samples was measured using an Accumet Basic (AB250) 
Benchtop pH/ion selectivity meter (Fisher Scientific, Hampton, NH). Samples 
were adjusted to pH 7-8 with a Finnpipette II fixed volume pipette (Fisher 
Scientific, Hampton, NH) using 0.5 M hydrochloric acid and 0.5 M sodium 
hydroxide in increments of 20 µL.  The samples were mixed thoroughly before 
each adjustment using a Fisher STD vortex mixer (Fisher Scientific, Hampton 
NH) and left overnight (at room temp) to allow the pH to stabilize. Typically, less 
than 120 μL of sodium hydroxide or 300 μL of hydrochloric acid was needed to 
achieve a final pH between seven and eight.  
 Reagents were prepared in 50 ml polyethylene graduated screw cap tubes 
(Fisher Scientific, Hampton, NH). Use of glassware was avoided to eliminate 
leaching of silica. 365 μL of 0.1M ammonium molybdate ((NH4)2MoO4) dissolved 
in 0.2N sulfuric acid were added to 650 μL of pH-adjusted sample. Following, 755 
μL 0.56 M oxalic acid and 365 μL 0.2M ascorbic acid were added. Samples were 
mixed thoroughly between each addition and finally left for 15 minutes until the 
reaction was complete. Samples that exceeded an absorbance of 1.000 were 
diluted with distilled water and assayed again. A silica standard solution (Ricca 
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Chemical Company, Arlington TX) was diluted with Milli-Q water to prepare 
standards at concentrations of 0, 10, 25, 50, 75, 100, 150, and 200 μM dissolved 
silica and assayed in triplicate. A calibration curve was generated every time 
samples were analyzed. R2 values were generated for the standards and ranged 
between 0.998 and 1.000 (n=8).  
2.2.2 Total silica 
Total silica was measured using an adaptation of Paashe (1973). Ten 
milliliters of sample were filtered through a 0.22 μm polycarbonate filter (25 mm) 
using a plastic filtration device (Gelman, Ann-Arbor MI) and mild vacuum. The 
filter was folded twice and placed into a 50 mL polyethylene tube (Fisher 
Scientific, Hampton, NH) with 20 mL 0.47 M (i.e., 5%) sodium carbonate and 
heated in a G76D Gyrotory Water Bath Shaker (New Brunswick Scientific, 
Edison, NJ) at 85oC for three hours. Dissolved silica was then determined using 
the colorimetric molybdosilicate method (2.2.1).  
Dry weight of diatom frustules was measured by filtering 3 mL of 
stationary-phase cultures (see below) onto pre-weighed and dried 0.22 μm 
polycarbonate filters. The filters were dried at 105oC for 24 hours, after which the 
change in weight was determined. Total silica per dry weight was determined by 
muffling these filters at 500oC for 2 hours and determining total dissolved silica 
through a sodium carbonate digestion method outlined above.  
2.2.3 Cyanobacterial Enrichments  
Inocula for cyanobacterial enrichments were obtained from microbial mats 
in Barn Island (Stonington, Connecticut). Small pieces of the upper 3 mm of a 
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microbial mat were homogenized and transferred into 200 mL Erlenmeyer flasks 
containing 100 mL ASN-III medium (see 2.2.4) and closed with a sterile cotton 
plug. Every six to eight weeks a small piece of cyanobacterial biomass was 
transferred into fresh ASN-III medium using a sterilized platinum inoculation loop. 
Enrichments were maintained at 22oC under a 12hr light/dark cycle at a light 
intensity of 400-600 μE m−2s−1. Natural light was augmented with four feet-long 
white LED MV Surface Mount Strip lights with T8 LED 4000K Tubes (EnviroLite, 
Coldwater, MI). 
2.2.4 ASN-III Medium composition for cyanobacteria 
Artificial seawater medium with added nitrogen, or ASN-III, was used to 
support (photoautotrophic) growth specifically of cyanobacteria (Rippka et al., 
1979). Cyanobacteria are particularly sensitive to certain medium components, 
especially chemical buffers (Whitton and Potts, 2007).  Enrichments carried out 
in other media such as Instant Ocean were not used because they showed 
significantly slower growth than in ASN-III. In preparing one liter of ASN-III 
medium, 100 mL of Milli-Q water was added to a one-liter bottle in which a 
magnetic stir bar was placed. Aliquots of the following liquid stock solutions were 
then added: 1.0 mL of 20 g/L K2HPO4, 1.0 mL of 25 g/L tricine buffer solution, 
1.0 mL of trace metal solution, 1.0 mL of 0.5 g/L Fe-EDTA solution, 1.0 mL of 3 
g/L citric acid and 1.0 mL of 10 mg/L vitamin B12. The trace metal solution 
consisted of (per liter): 2.86 g H3BO3, 1.81 g MnCl2 • H2O, 0.222 g ZnSO4 • 7H2O, 
0.39 g Na2MoO4, and 0.494 g Co(NO3)2 • 6H2O. Next, the following chemicals 
were added consecutively while stirring until completely dissolved: 25 g NaCl, 3.5 
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g MgSO4 • 7H2O, 2.0 g MgCl • 6H2O, 0.5 g CaCl2 • 2H2O, 0.75 g NaNO3, and 0.5 
g KCl. 900 mL of deionized water was then added to the one-liter glass bottle. 
The medium was autoclaved at 121oC for 45 minutes. Once the bottle cooled to 
room temperature, 1.0 mL of 20 g/L filter-sterilized Na2CO3 was added using a 
sterile pipette. The medium was kept at 4 oC until used. 
2.2.5 Diatom cultures  
Nitzschia closterium (a benthic pennate diatom; Figure 6, left panel) and 
Thalassiosira pseudonana (a centric pelagic diatom; Figure 6, right panel) were 
kindly provided by Dr. Gary Wikfors of the NOAA NEFSC Laboratory in Milford, 
CT. The diatom strains were grown in 500 mL Erlenmeyer flasks using Gillard’s 
f/2 medium (Guillard and Ryther, 1962). Cultures were kept at 22 oC in 12hr 
light/dark cycles under a light intensity of 400-600 μE m−2s−1. Natural light was 
augmented with 4 ft. white LED MV Surface Mount Strip lights with T8 LED 
4000K Tubes (EnviroLite, Coldwater, MI). Cultures were maintained routinely by 
transferring a 5 mL aliquot into fresh medium. The remainder of the culture was 
harvested by centrifugation using 50-mL falcon tubes at 750 g for 25 minutes at 
ambient temperature (Sorvall Centrifuge; Marshall Scientific, Hampton, NH). The 
supernatant was decanted and the pellet was resuspended in 35 ml of 3% 
hydrogen peroxide and incubated for 24 hours at ambient temperature to remove 
organic compounds (Mikutta et al., 2005).  Following, the diatoms were washed 
(i.e., rinsed and centrifuged) three times with distilled water. The peroxide-treated 
diatom frustules were resuspended in 20 mL of distilled water and stored at 4 oC 
until used in dissolution experiments. An aliquot of the cleaned diatoms was 
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recovered on a pre-weighed 0.22 μm polycarbonate filter (diameter 25 mm) 
under mild vacuum, and dried overnight at 105oC, after which the mass was 
determined. Total silica of the material on the filter was determined using sodium 
carbonate digestion (see 2.2.2). 
2.2.6 Medium preparation for diatoms 
Guillard’s f/2 medium (Guillard and Ryther, 1962; Guillard, 1975) is a 
seawater enrichment designed for cultivating algae, which can be amended to 
contain silica to support the growth of diatoms. In preparing one liter of f/2, 950 
mL of natural seawater was filtered using a 25 mm 0.22 μm polycarbonate filter 
was added to a one-liter glass bottle. The following stock solutions were then 
added using a sterile pipette: 1.0 mL of 75 g/L Na2CO3, 1.0 mL of 5 g/L NaH2PO4 
• H2O, 1.0 mL of Na2SiO3 • 9H2O, 1.0 mL of a trace metal solution, and 0.5 mL of 
a vitamin solution. The trace metal solution consisted of (per liter): 3.15g FeCl3 • 
6H2O, 4.36g Na2EDTA • 2H2O, 1.0 mL of 9.8 g/L CuSO4 • 5H2O, 1.0 mL of 6.3 
g/L Na2MoO4 • 2H2O, 1.0 mL of 22.0 g/L ZnSO4 • 7H2O, 1.0 mL of 10.0 g/L CoCl2 
• 6H2O, and 1.0 mL of 180.0 g/L MnCl2 • 4H2O. The vitamin stock solution 
consisted of (per liter): 200 mg thiamine HCl (vitamin B1), 1.0 mL of a 1.0 g/L 
biotin (vitamin B7) solution, and 1.0 mL of a 1.0 g/L cyanocobalamin (vitamin B12) 
solution. The medium was stirred thoroughly after adding each subsequent 
component. The volume was brought to one liter with filtered seawater. The 
complete medium was autoclaved at 121oC and 100 KPa for 45 minutes and 
stored at 4 oC in the dark until used. 
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2.2.7 Scanning electron microscopy (SEM)  
Samples of mats or filters were cut into pieces with a diameter of 1 cm 
using a stainless steel cutting tool (stainless steel tubing with an outer diameter 
of 10 mm and sharpened edge) custom made by the Marine Sciences Machine 
Shop. Samples were rinsed with five milliliters of Milli-Q (EDM Millipore, Billerica, 
MA) ultrapure water to remove most of the salt. The wet samples were mounted 
onto aluminum specimen mounts (1/2” slotted head, 1/8” pin; Ted Pella, Redding, 
CA) and placed in a desiccator for a minimum of 24 h before viewing. Samples 
were viewed in a Phenom World charge reduction cup using a Phenom Pro X 
desktop SEM (Nanoscience Instruments, Phoenix, AZ). Images were acquired in 
high resolution at an accelerating voltage of 10 kV.  
2.3 Chemical Dissolution Experiments  
2.3.1  Buffer composition 
Sodium hydroxide was used to increase the pH in preliminary chemical 
dissolution experiments; however, this resulted in pH drift over time. 
Consequently, pH buffers were deployed. The buffer molarity had to be below 
0.5M, otherwise cell counts were difficult due to the viscosity of the fluid, and 
analysis of dissolved silica was hampered due to increased volumes of HCl 
needed to adjust pH. 
Two different buffers were used: the first was based on sodium carbonate-
sodium bicarbonate (pH 9.2-10.8), the second comprised potassium chloride-
sodium hydroxide (pH 12-13). Different proportions of the buffer constituents (see 
below) were mixed in order to adjust the final pH. The sodium carbonate buffers 
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consisted of: (i) 20 mL 0.1 M Na2CO3 combined with 80 mL 0.1 M NaHCO3 for 
buffering at pH 9.3, (ii) 50 mL 0.1 M Na2CO3 combined with 50 mL 0.1 M 
NaHCO3 for buffering at pH 10.4, and (iii) 80 mL 0.1 M Na2CO3 was combined 
with 20 mL 0.1M NaHCO3, which buffered at pH 10.9.  The two potassium 
chloride-sodium hydroxide buffers were prepared: as follows (i) 26 mL of 0.1 M 
NaOH were added to 50 mL of 0.1 M KCl to obtain buffering at pH 12.3 and (ii) 
82 mL of 0.1 M NaOH were added to 50 mL of 0.1 M KCl to buffer at pH 12.8.  
2.3.2 Temperature and salinity 
In addition to pH, temperature and salinity were also manipulated. Three 
different temperatures were used (20oC, 40oC, and 60oC). The salinity was 
adjusted to 10 (the salinity of the buffer with no NaCl added), 30, and 60 by 
adding NaCl.  
2.3.3  Silica source 
Both Nitzschia closterium and Thalassiosira pseudonana frustules were 
used for chemical dissolution experiments. Celite ® 545 (Acros Organics, NJ), a 
diatomaceous earth consisting of 99% silica from acid-washed powdered 
diatoms, was also used in some experiments. The average particle size of Celite 
is 38.9 µm. These silica sources were chosen in order to compare the rate of 
dissolution between different species of diatoms, e.g., thick vs. thin frustules, 
benthic vs. pelagic diatoms and aged silica (Celite).  
2.3.4  Chemical Dissolution Experiment 
Chemical experiments were conducted in order to determine the effect of 
elevated pH on the dissolution of particulate silica. 50-mL polyethylene tubes 
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(Fisher Scientific, Hampton, NH) were filled with 38 mL buffer solution and 2 mL 
diatom concentrate. Dry weight and total silica of the diatom concentrate as well 
as each experimental treatment were determined using methods described 
above (section 2.2.2). The tubes were mixed thoroughly using a Fisher STD 
vortex mixer (Fisher Scientific, Hampton NH) for five seconds and subsampled 
immediately to measure dissolved silica, pH, salinity, temperature, cell counts, 
and optical density at 650 nm to estimate cell concentration. An aliquot was 
taken for light microscopy and SEM. A 2 mL subsample was taken from the 
tubes and filtered using a 0.22 μm polycarbonate filter. The filter was rinsed with 
distilled water and stored in a desiccator until SEM analysis (section 2.2.7) and 
total silica determination (section 2.2.2). The filtrate was stored at 4 oC until it was 
analyzed for dissolved silica. Samples were taken at 24 hr, 48 hr, 60 h, and then 
every two days for two weeks. If the dissolved silica continued to increase after 
two weeks, sampling continued once a week. Three different sources of silica 
were used: Nitzschia closterium, Thalassiosira pseudonana, and Celite. A 
sodium carbonate – sodium bicarbonate buffer was prepared at pH 9.3, 10.4 and 
10.9. Temperatures used were 20oC, 40oC, and 600C. Salinities used were 0, 30, 
and 60 (Figure 11). Each environmental treatment had two replicates and one 
control blank with no silica added. 
 30 
 
 
Figure 11. Environmental treatments for chemical dissolution experiments. Three different silica 
sources were used: Nitzschia closterium, Thalassiosira pseudonana, and Celite. Three different 
pH values were used: 9.3, 10.4, and 10.9. Three different temperature variations were deployed: 
20oC, 40oC, and 60oC. Three different salinities were used: 0, 30, and 60. Each environmental 
condition was duplicated.  
 
2.4  Cyanobacterial Experiments 
The effect of cyanobacterial photosynthesis on the pH and potential effect on 
dissolution of diatom frustules was tested in cyanobacterial enrichment cultures 
from Barn Island (section 2.2.3) to which 0.02 g of hydrogen peroxide-washed 
diatom frustules (section 2.2.5) were added. Between 5 and 15 g wet weight 
(blotted dry) of cyanobacterial biomass was added to a 500 mL or one liter plastic 
Erlenmeyer flask (Fisher Scientific, Hampton, NH). In pilot experiments, 2 mL of 
the diatom concentrate (containing ca. 10 g of frustules per liter) was added 
directly to the medium with the cyanobacteria. In following experiments, 5 mL of 
the diatom concentrate was placed into dialysis tubing (3500 MWCO, Fisher 
Scientific, Hampton, NH), which was submerged in the medium with the 
 31 
cyanobacteria (Figure 12). MWCO or molecular weight cut-off refers to the lowest 
molecular weight in which 90% of the solute is retained by the membrane.  
Cyanobacteria and diatom concentrate were incubated in 250 mL (when using 
500-mL flasks) or 500 mL (when using 1L flasks) ASN-III medium at 22oC in 12 h 
light/12 h dark cycles under approximately 400-600 μE m−2 s−1 light. The 
cyanobacteria-diatom incubation was stirred using an Isotemp stir plate (Fisher 
Scientific, Hampton, NH) at approximately 60 rpm to obtain a homogeneous pH 
value in the flask (Figure 12). 
The light intensity, temperature, pH and salinity were monitored over a diel 
cycle from 06:00 to 20:00 (with LED lights on). Five mm of sample was collected 
at each time point and filtered with 0.22 μm polycarbonate filter. The filter was 
rinsed with DI and dried for SEM observations (see section 2.2.7). SEM samples 
were prepared to observe the physical interaction between the cyanobacteria 
and the diatom frustules in pilot experiments and also to observe signs of silica 
dissolution. Two milliliters of filtrate was transferred to 2 ml centrifuge tubes and 
refrigerated until analysis of dissolved silica. Dissolved silica was measured after 
one day, two days, three days, seven days, and then every week for the next five 
weeks and analyzed in duplicate (see section 2.2.1).  
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Figure 12. Design of the cyanobacterial dissolution potential experiment. Erlenmeyer contains 
medium, concentrated cyanobacterial biomass and a dialysis bag filled with diatom frustules. As 
photosynthesis occurs, the pH increases and potentially dissolves the silica, which then diffuses 
into the bulk solution. Control treatments contained no cyanobacteria.  
 
2.5 Microbial Mats in the Laboratory  
2.5.1  Maintenance and routine observations 
Microbial mats were collected from Barn Island, in Stonington, CT, on May 
10, 2016, June 26, 2017 and August 20, 2017. Mats were 2-3 cm thick and 
ranged from poorly developed in some areas to well-developed. Only well-
developed mats, with cohesive and visible layers, were collected (Figure 13). 
These samples were immediately placed in plastic containers, site water was 
removed, and they were transported back to the lab within one hour at which 
point ASN-III was added. Mats were kept in the lab at room temperature (20-23 
oC) with a 12 h light/dark cycle at a light intensity of 400-600 μE m−2 s−1 (natural 
light supplemented with LED 4000K white light). The mats were submersed 
under approximately 3 cm of ASN-III to enhance growth of cyanobacteria. The 
overlying water level was kept constant by adding distilled water as needed 
(typically several times a week) so that ionic composition (i.e., the salinity) would 
not change due to evaporation. Samples for light and scanning electron 
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microscopy were taken from different depths in the mat every week in order to 
determine the presence or absence of diatoms and cyanobacteria. Samples were 
taken from the surface of the mat, at three mm, five mm and ten mm depths.  
 2.5.2  Diatom seeding experiments 
For seeding experiments, the top three millimeters of the mat were 
removed with a scalpel within 48 hours of acquiring the mat from field. This 
manipulation removed the majority of indigenous diatoms while ensuring that 
cyanobacteria were still present. Microscopy was done to confirm diatoms were 
removed. Subsequently, the mats were submerged in ASN-III solution for 14 
days to stimulate the growth of cyanobacteria. Small disks (diameter 25 mm) 
were cut out, placed into a BioLite 12-well plate and two milliliters of ASN-III was 
added carefully to each well. The mat discs were seeded with one milliliter of the 
concentrated diatoms frustule suspension (section 2.2.5) and left for 24 hours to 
settle. One mat disc was sampled after 24 hours for scanning electron 
microscopy and subsequent samples were taken every 48 hours on day three, 
five and seven (well plates 1-4) and then weekly for two months (well plates 5-
12) to monitor any changes in diatom frustule abundance. SEM and light 
microscopy were used to observe frustule dissolution within the mat.  
2.6 Modeling  
MINEQL 4.62.2 is a chemical equilibrium modeling system in which the 
chemical components of a solution can be entered and the concentration 
equilibrium (Ceq) can be calculated at a given temperature, salinity, and pH. Both 
seawater and the sodium carbonate-sodium bicarbonate buffer were modeled by 
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using the concentration of the different chemical constituents of both solutions. 
ASN-III contained 1.04 x 10-2 M Ca2+, 2.69 x 10-4 M CO32-, 1.00 x 10-2 M K+, 5.40 
x 10-2 M Mg2+, 2.84 x 10-2 M SO42-, 4.75 x 10-1 M Na2+ (this was reduced to 1.0 x 
10-18 M Na2+ to model freshwater; a salinity 60 could not be modeled as this 
exceeded model thresholds), ), and 4.75 x 10-1 M Si(OH)4. The sodium 
carbonate-sodium bicarbonate buffer contained 2.00 x 10-1 M CO32-, 4.75 x 10-1 
M Na2+ (this was reduced to 1.0 x 10-18 M Na2+ to model freshwater; a salinity 60 
could not be modeled), and 4.75 x 10-1 M Si(OH)4. The pH was set at 7, 8, 9, 10, 
and 11. Temperature was varied between 0 oC and 100 oC at intervals of 10 oC. 
The equilibrium concentration was calculated for each iteration and compared 
among different temperatures and pH values.  
For each modeling run, the equilibrium constants and equilibrium 
concentrations (Ceq) were calculated for a variety of silica species such as 
Si(OH)4, H2SiO4-2, H3SiO4-, SiO2 (amorphous precipitate), SiO2 (amorphous gel), 
sepiolite, chrysotile, cristobalite, chalcedony, and quartz. Each species was also 
evaluated as a percent of total dissolved silica. The modeling results (Ceq and % 
of total dSi) were compared to observations in laboratory dissolution experiments 
to determine the relationship of increasing temperature, salinity and pH to the 
rate of dissolution and final concentration of dissolved silica. The final 
concentration in dissolution experiments should resemble the equilibrium 
concentration from the model. If the equilibrium concentration is increased by 
temperature, pH or salinity, then the degree of undersaturation (f(Ω); Equation 5) 
 35 
would increase and enhance the rate of dissolution as well as the final 
concentration of dissolved silica.  
(f(Ω) = 1 – (C/Ceq))  (Equation 5) 
f(Ω) = 1 if C = 0 
f(Ω) = 0 if C = Ceq 
If C > Ceq precipitation occurs (Loucaides et. al, 2012). 
2.7 Statistical analysis 
To determine the effect of pH, temperature, salinity and silica source on 
the dissolution of biogenic silica from diatom frustules in chemical dissolution 
experiments, linear regression and paired t-test analyses were used. The 
dependent variable was the concentration of dissolved silica. The independent 
variables were pH, temperature, salinity, and silica source. Two 2-mL aliquots of 
carbonate buffer with added diatoms were collected from each sample and 
analyzed for dissolved silica over time (0, 1, 2, 4, and 7 days, then weekly) 
(Section 2.3). Each treatment was replicated and duplicate samples were taken 
at each time point.  
To determine the effect of pH, dissolve silica was compared at pH 9.3, pH 
10.4, pH 10.9 for each temperature, salinity and silica source treatment. To 
determine temperature effects, dissolved silica was compared at incubations of 
20 oC, 40 oC, and 60 oC for each treatment of pH, salinity and silica source. To 
determine the effect of salinity, treatments were compared at salinities of 10, 30, 
and 60 between each pH, temperature and silica source treatment. To determine 
the effect of the silica source, concentrations of dissolved silica were compared 
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in treatments using N. closterium, T. pseudonana and Celite (Figure 9). The 
initial rate of dissolved silica and final concentrations of dissolved silica were 
compared between different pH values, temperatures, salinities, and silica 
sources.  
To compare initial rate of dissolution, a linear regression was fit to the first 
three time points (0, 1, and 2 days). The slopes of two duplicate treatments were 
averaged and the differences between treatments were compared using paired t-
tests. To compare final concentrations of dissolved silica, the average between 
the two duplicate samples taken at each time point was calculated. Then the 
replicate treatments were averaged. Statistical significance was determined by 
using a paired t-test. The estimates were plotted using a 95% confidence 
interval.  
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3. RESULTS  
 
3.1 Fieldwork 
3.1.1 Sample collection 
In cross section, the mat has a yellow-green surface. The subsurface of 
the mat (1 mm-3 mm) is a dark green which is indicative of chlorophyll a due to 
the presence of cyanobacteria (Figure 14). At approximately 8-10 mm depth, 
there is a bright red layer, comprising of anoxygenic purple-sulfur bacteria 
(Figure 13, right panel; Figure 14).  
 
 
Figure 13. The left panel shows the surface of the mat. Clearly visible are the green 
cyanobacteria. The left panel shows the mat in cross-section, depicting cyanobacteria in the light 
green layer at the surface of the mat and in the dark green layer just beneath the surface. The red 
layers at depth are purple sulfur bacteria.  
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Figure 14. Schematic of the microbial mat showing the individual layers. Panel A is a photograph 
of a mat in cross section. Panel B is a cartoon showing layers of the mat. Diatoms were present 
at the surface and subsurface of the mat, down to <5 mm depth. Cyanobacteria were positioned 
just below the surface where light levels are optimal for their photosynthesis. Purple sulfur 
bacteria are found mostly at approximately 5 mm depth. Aerobic and anaerobic heterotrophs are 
found throughout the mat. Panel C is a depth profile of oxygen, sulfide and pH concentrations 
within the mat. Oxygen and pH increase at the sub-surface of the mat and coincide with the peak 
in oxygenic photosynthesis. The profiles are a schematic representation of a typical depth profile. 
The scale bar on the left is in millimeters. All vertical scales are the same.  
Microscope observations show the presence of diatoms at different depths 
within the mat (Figure 15). The surface of the mat showed abundant diatoms 
(>80 μm) (Figure 15, Panel A). Diatoms prefer silty sediment (<50 μm), finer than 
the grain size of which are typically found in mats (50-200 μm), so they prefer to 
stay at the surface of the mat. Diatoms become light saturated at approximately 
1500 μE m-2 s-1 (Colijn and van Buurt, 1975), whereas cyanobacteria become 
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light saturated at 50-500 μE m-2 s-1 (Jodlowska and Śliwińska 2014), which 
causes a spatial separation of diatoms and cyanobacteria. At 2.5 mm depth, 
diatoms were not as abundant, and some frustules were fractured (Figure 15, 
Panel B). Cyanobacteria were abundant in this layer of the mat. An image taken 
from a sample at 5 mm depth shows few diatoms present (Figure 15, Panel C). 
Diatoms were sometimes observed in clusters and have a different morphology 
than those found at the surface. Most frustules were fractured or fragmented. At 
a depth of 10 mm below the surface of the mat, diatoms were approximately 75% 
smaller than on the surface of the mat and were sparse (Figure 15, Panel D). 
The few frustules that were found appeared fragmented. Overall, diatoms were 
abundant at the surface and intact but decreased in number with depth and were 
fragmented. 
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A.   B.  
C.  D.  
Figure 15. Diatom abundance at different depth horizons in the mat. Panel A = the surface of the 
mat, showing an abundance of intact diatom frustules (>80 μm). Panel B = 2.5 mm depth, 
showing fewer diatoms and more cyanobacteria. Some frustules are fragmented. Panel C = 5 
mm depth, showing very few diatoms; frustules appear fragmented and clustered. Panel D= at a 
depth of 10 mm, nearly no diatoms are present.  
 
3.1.2 Site conditions 
Environmental conditions were measured during the daylight period. 
Measurements of the water level, the salinity, the temperature, the light intensity 
(PAR), and the pH were taken on August 20, 2017 between 6:00 and 20:00 
(Table 1). It was a cloudless, sunny day until 14:30, after which there was about 
15-20% cloud coverage until darkness. Air temperature ranged from 21 oC at 
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06:00 to 29 oC between 14:00 and 16:00 after which it declined steadily to 24 oC 
by 20:00. The water temperature ranged from 19.8 oC at 6:00 to a maximum of 
34 oC at 15:00, and decreased to 25 oC by 20:00.  
Table 1. Environmental Conditions at Barn Island on August 20, 2017. High tide was at 07:54 and 
low tide was at 14:27. Sunrise was at 06:03 and Sunset was at 19:30. It was a new moon.  
Time 
Air 
temp 
Water 
Temp  
Mat 
Temp 
Salinity pH 
Water 
Level 
6:00 21.1 °C 19.8 °C 19.7 °C 37 7.2 0.6 cm 
7:00 21.7 °C 22.4 °C 22.4 °C 37 7.2 0.6 cm 
8:00 22.7 °C 21.3 °C 21.7 °C 33 7.6 1.9 cm 
9:00 23.8 °C 24.1 °C 24.3 °C 33 7.8 1.2 cm 
10:00 25.6 °C 28.9 °C 29.4 °C 33 8.1 0.9 cm 
11:00 26.7 °C 32.1 °C 32.7 °C 33 9.7 0.9 cm 
12:00 27.7 °C 33.4 °C 34.2 °C 36 9.9 0.7 cm 
12:30 28.0 °C 33.8 °C 34.0 °C 35 9.6 0.6 cm 
13:00 28.3 °C 32.1 °C 33.7 °C 35 9.5 0.5 cm 
13:30 28.6 °C 32.0 °C 33.1 °C 38 9.6 0.4 cm 
14:00 28.9 °C 33.8 °C 35.0 °C 43 9.9 0.3 cm 
14:30 28.9 °C 31.4 °C 33.0 °C 50 9.9 0.5 cm 
15:00 28.9 °C 34.1 °C 34.2 °C 42 9.8 0.5 cm 
15:30 28.9 °C 32.1 °C 33.0 °C 38 9.8 0.6 cm 
16:00 28.9 °C 31.9 °C 32.2 °C 45 9.9 0.6 cm 
17:00 28.3 °C 29.1 °C 30.4 °C 45 10.0 0.2 cm 
18:00 28.3 °C 27.0 °C 27.5 °C 40 10.0 0 cm 
18:45 27.5 °C 25.9 °C 26.3 °C 33 10.0 0 cm 
19:30 26.7 °C 25.3 °C 24.9 °C 33 9.2 5.0 cm 
20:00 23.9 °C 25.7 °C 26.0 °C 33 9.1 7.0 cm 
 
 At 6:00, the pH was 7.2 and increased to a plateau value near 10.0 
between 10:30 and 20:00, the pH was above 9.0 – the threshold at which silica 
dissolution becomes dependent on pH (Figure 16). The average PAR (n=3 
measurements averaged over a period of 10 seconds each) was 13.4 µmol m-2 s-
1 at 06:03 (sunrise) and increased to a maximum of 1939 µmol m-2 s-1 (n=3 
measurements averaged over a period of 10 seconds each) at 12:00. The sun 
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set at 19:39, after which there was a gradual decrease to 0 µmol m-2 s-1 at 20:00. 
Partial cloud coverage at 14:30 caused a steady decrease in light intensity. 
 
Figure 16. Ambient light and pH variation at the surface of the microbial mat during the day. 
Variations of pH at the surface of the mat and of photosynthetically active radiation (PAR) at the 
surface of the mat. Measurements were taken from 6:00 to 20:00 on August 20, 2017. The blue 
line depicts pH at a minimum of 7.2 at 06:00, an increase to a maximum of 10 from 17:00-19:00 
and a decrease to 9.1 at 20:00. The gray line depicts PAR. Sunrise was at 06:03. Sunset was at 
19:39. Maximum PAR was at 12:00.   
In addition to pH and light (Figure 16), the temperature (Figure 17) and 
salinity (Figure 18) also fluctuated. The temperature at 3 mm depth increased to 
a maximum value of 34 oC at 15:00, and decreased to 25 oC at 20:00. The 
temperatures in the mat at 3 mm were within 1 oC of the temperatures in the 
overlying water (Figure 17). The salinity was constant from 08:00 until 12:00, 
then started to increase after 12:00 and peaked at 15:00, and decreased to 
levels measured before 12:00 at 18:45 (Figure 18).  
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Figure 17. Variations of air temperature, temperature of the water overlying the mat, and of 
temperature at 3 mm depth in the mat. Measurements were taken from 6:00 to 20:00 on August 
20, 2017. The orange line depicts the temperature of the water directly overlying the mat. The 
gray line depicts the temperature of the mat at approximately 3mm depth. The blue line depicts 
air temperature 5 cm above the surface of the water. 
The water level overlying the mat ranged between 0 cm, when the mat 
was exposed to the air (low tide was at 14:27), and 7 cm at high tide (07:54) 
(Figure 18). The slight increase in water level at 14:30 indicated the first influx of 
water into the marsh, but possibly due to the wind and/or location of the mat, 
there was a delay before the major increase in water level that occurred at 18:45. 
The salinity ranged between 33 at 08:30 and 50 at 14:30. In previous 
measurements, the maximum salinity of the water overlying mats at Barn Island 
reached 100. The maximum salinity coincided with the surface of the mat being 
covered by only a film of water at low tide. During high tide the mat is inundated 
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with water (Figure 9, right panel) and at low tide the mat is exposed to the 
atmosphere covered only by a film of water (Figure 9, left panel). 
 
Figure 18. Variation in water level and salinity during a day. The orange line depicts the water 
level overlying the mat. The blue line depicts salinity. As the water overlying the mat evaporates, 
salinity increases. Measurements were taken from 06:00-20:00 on August 20, 2007  
 
3.4 Chemical dissolution experiments  
 
3.4.1 The effect of pH  
 
The effect of pH on dissolution of diatom frustules was tested in a sodium 
carbonate-sodium bicarbonate buffer at pH 9.3, 10.4 and 10.9, as shown in each 
panel in Figure 19. The red lines depict dSi (concentration of dissolved silica) at 
pH 9.3; the green lines depict dSi at pH 10.4; and the blue lines depict dSi at pH 
10.9.  Each treatment had two replicates. Then, at each time point, two replicate 
samples were taken and analyzed for dissolved silica (n= 2 with pseudo-
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replicates for dSi analysis). Chemical dissolution experiments showed typical 
second order dissolution—an initial increase followed by a plateau, which 
suggests saturation.  
In experiments using Nitzschia closterium as the silica source (Figure 19, 
Panel A and B) dSi increased rapidly in the first five days and started to level off 
after approximately two weeks. By the end of the experiment (35 days), the final 
concentrations of the treatments at pH 10.9 were significantly higher than the 
treatments at pH 10.4 or 9.3 (t-test, p < 0.01). In treatments using Thalassiosira 
pseudonana (Figure 19, Panel C and D), the dSi increased rapidly for the first 
three days after which it started to level off. By the end of the experiment (21 
days) treatments at pH 10.9 had significantly higher final concentrations of 
dissolved silica than treatments at pH 10.4 and pH 9.3 (t-test, p < 0.01). The 
initial rate of dissolution at different pH treatments is estimated below.   
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Figure 19. pH-dependence of silica (diatom frustule) dissolution. The red lines depict treatments 
at pH 9.3, the green lines depict treatments at pH 10.4, and the blue lines depict treatments at pH 
10.9. Panel A uses N. closterium as the silica source at a salinity of 10 incubated at 60 oC. Panel 
B uses N. closterium as the silica source at a salinity of 10 incubated at 40 oC. Panel C uses T. 
pseudonana as the silica source at a salinity of 30, and carried out at 60 oC and D uses T. 
pseudonana as the silica source at a salinity of 30, and carried out at 40 oC. The dashed gray line 
shows average total silica. The error bars represent a 95% confidence interval.  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 47 
Table 2. Experimental design of chemcial dissolution experiment in Figure 19. The initial slope 
and final concentrations of dissolved silica are compared to see how pH influences the rate of 
dissolution.  
Panel Temp Salinity Silica Type Buffer pH 
Initial 
∆dSi/∆t 
µM day-1 
Final dSi 
% 
Fig. 19  
A. 
60 oC 10 
N. closterium 
 
Na2CO3-NaHCO3 
10.9 15.8 ± 0.1 86 ± 3 
10.4 13.5 ± 0.8 73 ± 3 
9.3 10.7 ± 0.6 66 ± 1 
Fig. 19 
B. 
40 oC 10 
N. closterium 
 
Na2CO3-NaHCO3 
10.9 32.5 ± 4.1 94 ± 1 
10.4 26.2 ± 1.8 80 ± 1 
9.3 21.5 ± 0.4 58 ± 1 
Fig. 19 
C. 
60 oC 30 
T. pseudonana 
 
Na2CO3-NaHCO3 
10.9 17.5 ± 0.9 88 ± 2 
10.4 15.7 ± 0.8 74 ± 2 
9.3 8.6 ± 1.8 61 ± 2 
Fig. 19 
D. 
40 oC 30 
T. pseudonana 
 
Na2CO3-NaHCO3 
10.9 14.0 ± 3.1 87 ± 1 
10.4 10.8 ± 2.2 76 ± 1 
9.3 9.4 ± 2.6 62 ± 2 
 
In a final experiment to evaluate the initial rates of dissolution and their 
dependence on pH, a linear regression was fit with three points calculated from 
day zero to day two (r2= 0.91-0.94). The initial dissolution rate (change in the 
concentration of dissolved silica, or Δ[dSi]/Δt) was averaged between 
experiments and compared at different pH values (Figure 20). The red symbols 
show experiments at 60 oC, the yellow symbols show experiments carried out at 
40 oC and the blue symbols show experiments at 20 oC. The lowest rate of 
dissolution occurred at the lowest temperature and pH. The highest rates 
occurred at 60oC and pH 10.8. The positive linear regression shows that initial 
rates of dissolution increased with increasing pH.  
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Figure 20. Initial dissolution rate as a function of pH. The average slope for different 
environmental conditions are plotted as a function of pH. The red markers are treatments at 60 
oC, the yellow markers are treatments at 40oC and the blue markers are treatments at 20 oC. 
Linear regressions depict the trends of three different temperature treatments. 
The amount of silica that was dissolved after 21 days varied with pH. The 
final concentration of dissolved silica was plotted against pH for each treatment 
(Figure 21). The red symbols represent experiments at 60 oC, the yellow symbols 
depict experiments at 40 oC and the blue symbols depict experiments are carried 
out at 20 oC. Trend lines for each temperature were used to assess how the final 
dissolution is influenced by increasing pH and increasing temperature.  
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Figure 21. Final concentration of dissolved silica at three different pH values of the buffers. The 
red symbols show treatments at 60 oC, the yellow symbols show treatments at 40 oC and the blue 
symbols show treatments at 20 oC. Linear regressions depict the trends of three different 
temperature treatments. 
3.4.2 The effect of temperature  
The concentration of dissolved silica was measured over time in chemical 
(abiotic) experiments to evaluate the effect of temperature on the dissolution of 
biogenic silica from diatom frustules (Figure 22). The incubation temperatures 
were 20 oC (Figure 22, blue lines), 40 oC (Figure 22, yellow lines) and 60 oC 
(Figure 22, red lines). Each treatment had two replicates and each time point was 
sampled in duplicate and analyzed for dissolved silica. Each experiment showed 
an initial rapid increase in dSi with time and then leveled off, indicating a second 
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order dissolution. Incubations carried out in carbonate buffers at pH 10.5, using 
N. closterium frustules as the silica source (Figure 22, panels A and B) at 60 oC 
showed significantly higher final concentrations of dissolved silica than 
treatments at 40 oC and 20 oC (t-test, p < 0.01).  Experiments carried out in ASN-
III using T. pseudonana (Figure 22, panels C and D) showed slower increase in 
dissolved silica with time than in the carbonate buffers and leveled off. ASN-III 
treatments had an initial pH of 7.8. By the end of the experiment (40 days), at 40 
oC, a significantly higher concentration of dissolved silica than treatments at 20 
oC was observed (t-test, p < 0.01).   
 
Figure 22. Temperature effect on concentration of dissolved silica over time. The red line shows 
treatments at 60 oC, the yellow line is at 40 oC, the blue line is at 20 oC. Panel A shows dissolved 
silica over time using N. closterium at pH 10.5 and salinity of 10  and B shows dissolved silica 
over time using N. closterium at pH 10.5 and salinity of 30. Panel C shows dissolved silica in 
treatments using T. pseudonana in ASN-III at pH 7.8 and salinity of 5 and panel D shows 
dissolved silica in treatments using T. pseudonana in ASN-III at pH 7.8 and salinity of 30. The 
gray dashed line represents average total dissolved silica. The error bars represent 95% 
confidence intervals.  
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Table 3. Experimental design of chemical dissolution experiments from Figure 22. The initial 
slope and final concentrations of dissolved silica are compared to evaluate the effect of increased 
temperature on the dissolution of biogenic silica. 
Panel Sal pH Silica Source Solution 
Temp   
o C 
Initial  
∆dSi/∆t 
µM day-1 
Final dSi 
% 
Fig. 22 
A. 
10 10.5 
N. closterium 
 
Na2CO3/NaHCO3 
20 32.9 ± 1.9 51 ± 3 
40 40.5 ± 0.7 59 ± 1 
60 44.8 ± 2.1 74 ± 2 
Fig. 22 
B. 
30 10.5 
N. closterium 
 
Na2CO3/NaCO3 
20 30.4 ± 2.5 41 ± 1 
40 34.3 ± 3.7 51 ± 6 
60 39.6 ± 1.6 68 ± 2 
Fig. 22 
C. 
5 7.8 
T. pseudonana 
 
ASN-III 
20 1.9 ± 4.9 62 ± 12 
40 4.8 ± 2.8 97 ± 1 
Fig. 22 
D. 
30 7.8 
T. pseudonana 
 
ASN-III 
20 2.4 ± 1.8 69 ± 1 
40 4.7 ± 0.9 83 ± 1 
 
To evaluate the effect of temperature on the rate of silica dissolution, the 
initial dissolution rate was calculated from the first three time points of the 
experiment (r2= 0.92-0.96). The initial rate of change was graphed at 20 oC, 40 oC 
and 60 oC (Figure 23). Blue symbols represent incubations at pH 10.9, green 
symbols represent incubations at pH 10.4, and red symbols represent 
incubations at pH 9.3. Trend lines depict the effect of temperature on the initial 
dissolution rate of biogenic silica. The positive slope of the trend lines show that 
as temperature increased, the initial rate of dissolution increased. 
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Figure 23. Initial rate of silica dissolution as a function of temperature. The blue symbols depict 
incubations at pH 10.8. The green symbols depict incubations at pH 10.3. The red symbols depict 
incubations at pH 9.6. Linear regressions show the positive correlation of temperature and the 
initial rate of dissolution.  
After an initial increase in dissolved silica concentration values leveled off 
(Figure 22). The final concentration after 40 days is compared at different 
temperatures (Figure 24). The lowest final concentrations are observed at 20 oC 
and pH 9.6. As temperature increases, the final concentration increases. The red 
symbols indicate experiments at pH 9.6, green symbols represent experiments at 
pH 10.3 and blue symbols depict experiments carried out at pH 10.8. A positive 
linear regression suggests that increased temperature increases the final 
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concentration of dissolved silica and the similar slopes of the trend lines indicate 
that the effect of temperature is similar at different pH values (Figure 24). 
 
 
Figure 24. Silica dissolution as a function of temperature at three different pH values. The blue 
symbols indicate treatments at pH 10.8, green symbols indicate treatments at pH 10.3, and red 
symbols indicate treatments at pH 9.6. Trend lines show the temperature effect at different pH 
values. Increased temperatures had higher final concentrations of biogenic silica.  
3.4.3 The effect of salinity  
 
A buffer of pH 10.5 was adjusted to salinities of 10, 30, and 60 with NaCl 
and incubated at 40 oC with T. pseudonana (Figure 25, panel A). The initial rate 
of dissolution started to decrease after 10 days, after which it levelled off. After 
40 days, treatments at lower salinity showed a greater final percentage dissolved 
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than treatments at lower salinities (Table 3), although these results were not 
statistically significant. A carbonate buffer was maintained at 20 oC and 
T.pseudonana was added. Salinities were adjusted to 10, 30 and 60 (Figure 25 
Panel B). There is a significant difference in the initial rate and final concentration 
of dSi when comparing between treatments at salinities of 10 and 30 (t-test, p < 
0.1), but these results were not significant when between treatments with 
salinities 30 and 60 (t-test, p > 0.1).  The treatment with a salinity of 10 had the 
highest final concentration of dSi. A carbonate buffer of pH 10.5 at 40 oC with N. 
closterium at various salinities shows no statistical difference between the initial 
rate and final concentration of dSi between treatments (Figure 25, Panel C). A 
carbonate buffer at pH 10.4 maintained at 20 oC was adjusted to salinities to 10 
and 30 (Figure 25, Panel D). There were no significant differences in the initial 
rate or final concentration of dSi between the high-salinity and low-salinity 
treatments. The initial slope and final concentrations were compared (Table 4) to 
determine the effect of salinity on the dissolution rate and solubility of biogenic 
silica.  
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Figure 25. The effect of salinity on silica dissolution over time. Panel A depicts dSi over time in 
carbonate buffer at pH 10.5 using T. pseudonana incubated at 40 oC. Panel B depicts dSi over 
time in a carbonate buffer incubated at 20 oC using T. pseudonana. Panel C depicts dSi over time 
in a carbonate buffer at pH 10.5 using N. closterium at 40 o C and panel D depicts dSi over time in 
a carbonate buffer at pH 10.5 using N. closterium at 20 oC. The red lines depict treatments at 
salinities of 10. The blue lines depict salinities of 30, and the purple lines depict salinities of 60.  
The gray dashed line shows the average total silica in each experiment.  
 
Table 4. The experimental design of salinity experiments from Figure 25. The initial slopes and 
final concentrations were compared at different salinities to determine the effect of salinity on the 
dissolution of silica. 
Panel Temp pH Silica Source Solution Salinity 
Initial 
∆dSi/∆t 
µM day-1 
Final dSi 
% 
Fig. 25 
A. 
400C 10.5 
T. pseudonana 
 
Na2CO3/NaHCO3 
10 6 ± 0.3 97 ± 4 
30 5 ± 0.5 82 ± 2 
60 4 ± 0.9 75 ± 2 
Fig. 25 
B. 
200C 10.5 
T. pseudonana 
 
Na2CO3/NaHCO3 
10 4 ± 0.6 67 ± 1 
30 3 ± 0.5 46 ± 1 
60 3 ± 0.9 38 ± 3 
Fig. 25 
C. 
400C 10.5 
N. closterium 
 
Na2CO3/NaCO3 
10 26 ± 0.7 95 ± 3 
30 35 ± 1.5 86 ± 2 
Fig. 25 
D. 
200C 10.5 
N. closterium 
 
Na2CO3/NaCO3 
10 15 ± 3.2 53 ± 1 
30 15 ± 2.4 55 ± 1 
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3.4.4 The effect of silica source  
Three different sources of silica were tested from two cultivated diatom 
species, Nitzschia closterium and Thalassiosira pseudonana and a third, Celite 
which is a diatomaceous earth (Figure 26). The dissolution of these different 
types of silica were investigated at different pH values, temperatures and 
salinities. The initial rates of dissolution and the final concentrations of dissolved 
silica were compared (Table 5). 
Experiments using a carbonate buffer at pH 10.5 (Figure 26, Panel A and 
B) and a salinity of 10 showed an initial rapid increase in dSi concentration that 
levelled off after approximately ten days. These experiments showed a 
significantly higher initial rate of dissolution of T. pseudonana than of N. 
closterium (t-test, p<0.01). Likewise, the amount of silica that dissolved after 40 
days of incubation was also significantly higher in experiments with T. 
pseudonana than those with N. closterium (t-test, p<0.01). Experiments using 
ASN-III (Figure 26, Panel C and D) showed similar trends. Treatments using 
Celite showed a negligible increase in dissolved silica over time (Figure 26, 
Panel C and D, blue lines).  
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Figure 26. Effect of silica type on dissolution. Green lines depict treatments using T. pseudonana. 
Red lines depict treatments using N. closterium. Blue lines depict treatments using Celite. Panel 
A depicts experiments carried out in carbonate buffers at pH 10.5 at 20 oC and a salinity of 10. 
Panel B depict experiments carried out in carbonate buffers at pH 10.5 at 40 oC and a salinity of 
10. Panels C depicts dSi over time for experiments carried out in ASN-III at pH 7.8 at 20 oC and a 
salinity of 10. Panel D depicts dSi over time for experiments carried out in ASN-III at pH 7.8 at 20 
oC and a salinity of 30. The gray dashed line represents average total silica.  
 
Table 5. Experimental design for the chemical dissolution experiments from Figure 26. Initial rate 
of dissolution and the final concentration of dSi are compared between treatments at different 
salinities to evaluate the influence of increased salinity on the dissolution of diatoms. 
Panel Temp pH Salinity Solution Silica source 
Initial  
∆dSi/∆t 
µM day-1 
Final dSi 
% 
Fig 26. 
A. 
200C 10.5 10 Na2CO3/NaHCO3 
T. pseudonana 40 ± 1.1 93.9 ± 0.5 
N. closterium 12 ± 0.4 61.5 ± 0.1 
Fig. 26 
B. 
400C 10.5 10 Na2CO3/NaHCO3 
T. pseudonana 25 ± 0.9 72.3 ± 2.0 
N. closterium 14 ± 0.5 69.2 ± 6.8 
Fig. 26 
C. 
400C 7.5 10 ASN-III 
T. pseudonana 27 ± 2.2 69.2 ± 0.3 
N. closterium 12 ± 1.5 36.9 ± 0.3 
Celite 0 ± 4.1 7.7 ± 0.7 
Fig. 26 
D. 
400C 7.5 30 ASN-III 
T. pseudonana 42 ± 4.0 69.2 ± 1.2 
N. closterium 12 ± 2.9 36.9 ± 2.4 
Celite 2 ± 1.2 12.3 ± 1.5 
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3.4.5 Microscopic observations of frustule dissolution  
Samples from the chemical dissolution experiments were inspected using 
light and scanning electron microscopy (Figure 27 and 28). Samples taken 
throughout the experiment showed progressive fragmentation and silica 
dissolution with time. Frustules were abundant, uniform in shape (Figure 27, 
Panel A) and intact with no visible signs of alteration of the surface at the 
beginning of the experiment (Figure 28, Panel A). After 14 days at pH 10.5, 
diatoms were less abundant, partial dissolution was observed (Figure 27, Panel 
B), and frustules were fractured and fragmented (Figure 28, Panel B). At the end 
of the experiment (after 30 days), frustules were completely dissolved and 
depleted of silica. Only an organic “ghost” remained (see discussion below) 
(Figure 27, Panel C). A majority of frustules were fragmented and dissolved 
(Figure 28, Panel C).  
 
Figure 27. Time series of N. closterium frustule dissolution resulting from exposure to pH 10.5. 
Panel A is an image of frustules of N. closterium at the beginning of the experiment. Panel B is an 
image of frustules after 14 days. Frustules were fractured and fragmented. There were visible 
signs of dissolution. Panel C is an image of frustules after 30 days. Remaining organics were 
depleted of silica.  
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Figure 28. Dissolution of frustules during exposure to pH 10.5. Panel A is an image of N. 
closterium at 10,000 x magnification at the beginning of the experiment. Frustules were intact with 
no visible signs of dissolution. Panel B is an image of frustules after 14 days. Frustules were 
fractured and the surface was partially dissolved. Panel C is an image of frustules completely 
dissolved and depleted of silica after 30 days.  
3.5 Silica dissolution during cyanobacterial photosynthesis  
Cyanobacteria enriched from Barn Island microbial mats (Figure 29) were 
harvested and concentrated. Approximately 20 grams of cyanobacterial biomass 
(wet weight, blotted dry) was resuspended in 500 mL of fresh ASN-III medium 
and combined with H2O2-cleaned N. closterium frustules (5 mL of diatom 
concentrate containing ca. 0.05 g of silica).  Both cyanobacteria and diatom 
frustules were in suspension. 
 
Figure 29. Cyanobacterial enrichments from Barn Island. Filamentous and coccoid cyanobacteria 
were cultivated in ASN-III under12h light/dark cycles.  Mono-cultures of Lyngbya-like filamentous 
cyanobacteria (Panel A, B) and mixed culture of filamentous and coccoid cyanobacteria (Panel 
C). These images were from separate enrichments but were combined in experiments to 
maximize biomass. 
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3.5.1 Incubations of cyanobacteria and diatoms without physical separation  
Two experiments with cyanobacterial incubations were carried out at 
salinities of 10 (figure 30, blue line) and 30 (figure 30, orange line). The pH of the 
cyanobacterial incubations exceeded pH 9 within 30 minutes after the light turned 
on (Figure 30). The pH remained above 9 until after the light turned off. The 
maximum pH was ca. 10.2. The control treatments at salinity 10 (Figure 30, gray 
line) and control treatment at salinity 30 (Figure 30, yellow line) contained no 
cyanobacteria (only ASN-III and diatom frustules) and had an average pH of 7.2. 
Experiments were kept at room temperature.  
 
Figure 30. Evolution of pH in cyanobacterial incubations. The pH increased in the cyanobacterial 
treatments during the diel cycle. The light turned on at 07:00 and turned off at 19:00. The blue 
and orange lines depict cyanobacterial enrichments to which N. closterium was added at a 
salinity of 10. The orange line depicts cyanobacterial enrichments carried out at a salinity of 30. 
Yellow line depicts the control treatment at salinity 10. The gray lines depict control treatments at 
salinity 30. Control treatments had added diatoms but no cyanobacteria. The dashed line 
indicates a pH of 9 the value at which silica dissolution accelerates. The PAR was 1015 µmoles 
m-2s-1 
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 Microscopic observations showed that diatom frustules were present in 
close proximity to cyanobacterial filaments (Figure 32), presumably attached to 
the (dense) sticky exopolymeric sheath material. Dissolved silica measured over 
time showed an increase in concentration both in treatments in which 
cyanobacteria were present (Figure 31, green line) and in controls (Figure 34, 
orange line), but were consistently higher in treatments. Experiments carried out 
at salinities of 10 and 30 showed an increase of pH in the light (Figure 30) and an 
increase in dissolved silica over time (Figure 31). 
 
Figure 31  Silica dissolution during cyanobacterial photosynthesis (over time). Graph shows the 
increase in the concentration of dissolved silica in cyanobacterial experiments with added N. 
closterium frustules. Experiments were carried out in ASN-III at salinity 10 (panel A) and salinity 
30 (panel B). The green lines depict incubations with cyanobacteria and diatoms. The orange 
lines show controls (without cyanobacteria but with diatoms). 
Samples taken at the end of the experiment were inspected with SEM. 
The close proximity of cyanobacterial filaments and diatom frustules (Figure 32, 
panels B-E and H: red arrows) and visible alteration of the frustule surfaces 
(Figure 32, panels A, F-G: yellow arrows) were obvious.  
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Figure 32. Cyanobacterial filaments and diatom frustules at the end of the experiment (40 days).  
Panel A shows visible alteration of the frustule surface. Panels B-E and H show diatoms in close 
proximity to cyanobacterial sheaths. Panel F shows a fractured frustule. Panel G shows alteration 
and cracks in the frustule. 
3.5.2 Dialysis bag experiments with added stirring 
In order to physically separate cyanobacterial filaments and diatoms 
frustules during incubation, dialysis bags were used in later experiments. This 
allowed the exposure of the frustules to ambient/increased pH and facilitated 
exchange of dissolved silica. Two replicate incubations contained ASN-III with a 
salinity adjusted to 30.  Control flasks contained diatoms in a dialysis bag but no 
cyanobacteria. The flasks were gently stirred (60 rpm) to ensure a homogenous 
pH regime, but preventing exchange of CO2 with the atmosphere, which would 
have negated the pH increase due to photosynthesis. The incubations were 
exposed to 12-hour light/12-hour dark periods (1015 µmoles m-2s-1). The pH in 
cyanobacterial incubations increased to values above pH 9 within 30 minutes 
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after the lights turned on and remained above this value until after the lights 
turned off (Figure 33). 
 
Figure 33. Increase of pH during cyanobacterial photosynthesis. These experiments were carried 
out with diatom frustules contained in a dialysis bag. The orange lines depict the pH in 
incubations of cyanobacteria at a salinity of 30 when exposed to light. The gray line depicts the 
pH in the control treatments (with diatom frustules but without cyanobacteria). The light was 
turned on at 7:00 and turned off at 19:00. Light intensity = 1015 µmoles m-2s-1.  
Dissolved silica concentrations increased over the course of the 
experiment in both treatments and controls (Figure 34), but slightly faster in the 
cyanobacterial incubations (Figure 34, green dashed line) than in the control 
(Figure 34 orange dashed line). Total silica (dissolved and particulate combined) 
in all experiments was 45 µM. Approximately 47% of the total silica dissolved in 
cyanobacterial treatments compared to 35% in control experiments. The R2 for 
the cyanobacterial regression line was 0.976 and the R2 for the regression line 
for the controls was 0.861. Note that the concentration of dSi increased linearly 
(i.e., a zero order dissolution reaction) and did not level off during the course of 
35 days.  
 64 
 
Figure 34. Silica dissolution during cyanobacterial photosynthesis. The graph shows the 
concentration of dissolved silica over time in cyanobacterial enrichment experiments. The green 
symbols depict the concentration of dSi in cyanobacterial incubations (replicate experiments and 
duplicate samples for dSi analysis). The orange symbols depict the concentration of dSi over time 
for control experiments with no cyanobacteria. The green dashed regression line was generated 
from the cyanobacterial incubation data and the orange dashed regression line depicts control 
treatments (e.g., no cyanobacteria). The gray dashed line indicates the average of the total silica 
(N. closterium) added to the treatments. The experiment was carried out in ASN-III at a salinity of 
30, kept at room temperature and exposed to 12 hr-light/12 hr-dark cycles.   
 
3.6 MINEQL Modeling 
In MINEQL modeling, the temperature and the pH were varied to 
determine the equilibrium concentrations of different species of silica. The 
temperatures ranged from 0-100 oC and pH ranged from pH 7-11. ASN-III and 
the sodium carbonate-sodium bicarbonate buffer were modeled (see section 
2.6). The results from modeling efforts were compared to chemical dissolution 
experiments and observations. The model outcome includes a number of 
different silica polymorphs (cristobalite, chalcedony, amorphous gel) but only 
yielded concentrations (>0 M) for H4SiO4, H3SiO4-, H2SiO42-, quartz and total 
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dissolved silica. Log K, % of total dSi, and equilibrium concentration (Ceq) could 
be extracted from the model output. The equilibrium concentration (Ceq) is a 
measure of how much silica can dissolve (Equation 6). If Ceq is greater than the 
concentration, dissolution can occur. Therefore, if conditions increase Ceq then 
the rate of dissolution will be enhanced at a given concentration because the 
solution will be more undersaturated (Equation 5).  
Ceq =
[𝐶]𝑐[𝐷]𝑑
[𝐴]𝑎 [𝐵]𝑏
 (Equation 6) 
 
Figure 35. Equilibrium concentrations of total dissolved silica in ASN-III at different temperatures 
and different pH values. Ceq increased with temperature and pH. 
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Figure 36. Equilibrium concentrations of a carbonate buffer at different temperatures at pH 9, 10 
and 11. As temperature and pH increases, Ceq increases 
Ceq increased with temperature and pH and this effect was amplified at higher 
temperatures and pH in both the ASN-III medium (Figure 35) and the carbonate 
buffer (Figure 36). The chemical dissolution experiments showed similar trends 
(see section 3.4.1). As pH increased, H4SiO4 dissociates to H3SiO4- (Equation 7). 
At even higher pH values, H3SiO4- dissociates to H2SiO42-. Total dissolved silica 
increases with pH (Figure 37). Concentrations of H4SiO4 remain constant as pH 
increases but the solution can hold higher concentrations of H3SiO4-. Note the 
scale of the y-axis when comparing the equilibrium concentration at 20 oC (Figure 
37, left panel) and 40 oC (Figure 37, right panel).   
SiO2 (s) + H2O (aq)  H4SiO4 (aq) pK1 H3SiO4- (aq) pK2 
H2SiO42- (aq) (Equation 7) 
0
0.01
0.02
0.03
0.04
0.05
0.06
0.07
0 20 40 60 80 100 120
C
eq
(M
 d
Si
)
Temperature (oC)
pH9
pH10
pH11
 67 
 
 
Figure 37. Change in silica speciation as a function of the pH. Ceq is modeled for ASN-III at pH 9, 
10 and 11. At increased pH, H4SiO4 dissociates to H3SiO4- and then again to H2SiO42-. The left 
panel depicts Ceq at 20 oC and the left panel shows Ceq at 40 oC .   
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4. DISCUSSION 
 
Diatoms are expected to be well preserved due to their relatively hard silica 
frustule. Attachment of frustules to the sticky EPS and mat growth through 
binding and trapping of sediment as the mat grows upward would preserve 
diatoms in layers below the surface (Figure 38, left panel) and ultimately in the 
fossil record. However, this is not observed, as diatoms are present at the 
surface of the mat but not deeper in the mat (D’Amelio D’Antonio et al., 1989; 
Figure 38, right panel). Evidence from the current study is consistent with the 
hypothesis that cyanobacterial photosynthesis and resulting increased pH 
contributes to diatom frustule dissolution within microbial mats.  
When evaluating the preservation of diatom frustules, a number of 
different environmental factors must be considered. In addition to pH, 
temperature and salinity also influence the dissolution and subsequent 
preservation of diatoms (Ryves et al., 2001; Loucaides et al., 2012), as shown in 
laboratory dissolution experiments (e.g. Lewin, 1961; Barker et al., 1994; Bidle et 
al., 2002). The solubility of amorphous silica is influenced by pH (Alexander et 
al., 1954; Dove and Elston, 1992), thus the dissolution of diatom frustules is 
enhanced at elevated pH (Kamatani and Riley, 1979; Loucaides et al., 2008; 
2012). The thermodynamics of silica dissolution have been studied in abiotic 
dissolution experiments (Xiao and Lasaga, 1996; Icenhower and Dove, 2000), 
and the effect of temperature on diatom dissolution has been determined 
(Kamatani, 1982; Lewin, 1961).  Changes in salinity can affect the ionic strength 
in solution and influence silica dissolution (Icenhower and Dove, 2000). Higher 
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salinity may explain the increase in efficiency of marine recycling of biogenic 
silica compared to freshwater system (Falkner et al., 1997; Anderson, 1986; 
Loucaides et al., 2008; 2012). Many of the factors that govern the rate of silica 
dissolution in mats fluctuate during a diel or seasonal cycle (e.g. temperature, pH 
and salinity). 
 
Figure 38. Schematic of preservation vs. dissolution of diatoms in microbial mats. The left panel 
shows how diatoms would be trapped, bound, and preserved in the mat. The right panel shows 
the lack of preservation due to dissolution. The pH profiles in the right panel show the effect of 
increased pH from cynobacterial photosynthesis beneath the surface of the mat on the enhanced 
dissolution of diatoms in the mat.  
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4.1 The effect of pH on silica dissolution 
 
 Field observations and cyanobacterial laboratory experiments show that 
photosynthesis increased with light, which in turn resulted in elevated pH (Figure 
14). In field observations at Barn Island, the pH was above pH 9 at the surface of 
the mat as PAR increased between 10:00 and 11:00, and reached a maximum of 
pH 10 around noon coinciding with maximum light levels. The pH remained above 
pH 9 until 16:45. Higher pH maximums in mats have been reported (Visscher and 
van Gemerden, 1991), sometimes exceeding a value of 11. In the cyanobacterial 
incubations experiments, the pH values were higher in treatments (pH peaking at 
10.4 and remaining above pH 9 for most of the daylight period; Figure 30 and 33) 
than in the controls (with a maximum pH of 7.4). This increase in pH resulted from 
very high rates of CO2 removal during photosynthesis. The replenishment of CO2 
depended on diffusion and heterotrophic production, the combined rates of which 
were insufficient to meet the photosynthetic demand.   As a result, the bicarbonate 
dissociates, forming CO2 and OH- (Equation 2). The increase in OH- concentration 
translated to an increase in pH.  
Chemical dissolution experiments revealed that as the pH increased, the 
initial rate of silica dissolution increased (Figure 20) as did the final concentration 
of dSi (Figure 21), confirming the hypothesis that dissolution rate is a function of 
pH (Figure 41, section 3). Modeling results confirmed that equilibrium 
concentration increased with pH (Figure 35 and 36), or in other words the degree 
of undersaturation increased (Equation 5). This allows silica to dissolve more 
readily (Figure 41, section 6). The increase of the equilibrium concentration 
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implies that a greater fraction of silica dissolves at a higher pH value in the 
chemical dissolution experiments. Elevated pH increased silica dissolution due to 
speciation of silica polymorphs. At pH >9, H4SiO4 fully dissociates and H3SiO4- 
becomes the dominant species (Figure 39, left panel), driving the reaction in 
favor of dissolution. An increase in deprotonation of surface silanol group and 
subsequent breaking of siloxane bonds (=Si-O-Si=) expedites the release of 
H4SiO4 into solution, which results in increased solubility (Dove and Elston, 1992) 
(Figure 39, right panel).  
 
Figure 39. Speciation of silicic acid as a function of pH. The left panel depicts the deprotonation 
as pH increases. The right panel depicts the solubility of silica at different pH values. (Image by 
Gubler et al., 2008). 
The highest abundance of cyanobacteria in Barn Island mats was 
observed between one millimeter and three millimeters depth (Figure 13, panel 
B). Depth profiles of the O2 concentration suggest that this was also where peak 
oxygen production occurs. Consequently, the dissolution potential of frustules 
was the greatest in this subsurface layer of the mat where the maximum 
photosynthesis was found. The metabolism of other organisms, such as certain 
sulfate-reducing bacteria, could also increase pH (Visscher and Stolz, 2005; 
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Gallagher et al., 2012), while some can decrease the pH, such as fermenters and 
heterotrophs. The pH fluctuations are appreciable and affect silica dissolution. 
However, other factors like temperature and salinity impact rates of silica 
dissolution, and these environmental conditions can reach extreme values even 
in temperate mats such as those found in Barn Island.  
4.2  The effect of temperature on silica dissolution  
 
In field observations, the temperature over the mat ranged from 20oC to 
35oC. Other observations of mats in subtropical environments can show much 
larger temperature fluctuations (Figure 41). As mentioned above, the chemical 
dissolution experiments showed that the rate of dissolution and the percent of 
total silica dissolved at the end of the experiments increased with temperature. 
Increased temperature enhances dissolution kinetically because silica dissolution 
is an endothermic reaction (Q10 ranges from 2.3-2.6) (Kamatani 1982; Krause et 
al., 2009) (Figure 41, section 1). 
 Higher temperatures also increase the equlibrium concentration of the 
solution (Figure 41, section 6). Observations support that the final concentration 
of dissolved silica increased with temperature in chemical dissolution 
experiments. Not surprisingly, MINEQL modeling results confirmed that as 
temperature increases, more silica is dissolved into the system (Figure 35 and 
36). This implies that at higher temperatures, the degree of undersaturation at a 
given concentration would be greater. Enhanced silica dissolution can be inferred 
during periods of elevated temperatures, such as midday, summer months, and 
extreme weather conditions such as prolonged heat. These conditions could be 
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more pronounced in subtropical locations where temperatures are consistently 
higher, although extreme environmental fluctuations can also be seen in 
temperate mats. In sum, temperature effects must be taken into account when 
assessing the rate of silica dissolution (Figure 41, section 1 and 6).  
 
Figure 40. Fluctuation of environmental conditions in a microbial mat. The green lines depict 
salinity. The red lines depict temperature. The orange lines depict light intensity and the blue lines 
depict water depth (Visscher and Burns, unpublished). 
4.3 The effect of salinity on silica dissolution 
 In chemical dissolution experiments, there were no clear trends between 
increased salinity and rate of dissolution. The ASN-III medium and the carbonate 
buffer had salinities of 10, before adding NaCl, which may have influenced the 
initial increase in dissolution rate (Figure 25, Table 4). The greatest effect of 
salinity occurs when a few ions are added to pure water as the solvent (Ryves et 
al., 2006). Dissolution of diatoms can occur up to five times faster in the ocean 
than in freshwater lakes (Loucaides et al., 2012). The presence of monovalent 
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alkali salts increases hydrolysis at the mineral surface and enhances the 
detachment of Si-O bonds into solution. The rate initially increases rapidly upon 
the addition of cations, and then asymptotically approaches a plateau as the 
cation concentration increases (Dove, 1999).  The presence of multi-valent ions 
such as iron (Fe2+) can decrease dissolution because siloxane bonds (-Si-O-Si-) 
are stabilized at the mineral surface. Iron and aluminum were not present in the 
chemical buffers used, but may occur in nature and inhibit dissolution (Dove et 
al., 2008). Coastal field sites such as Barn Island are rich in iron due to the 
retention of riverine iron in estuaries (Mayer, 1982).   
The ionic composition (i.e., the salinity) of the water overlying the mat 
changes during a tidal cycle due to evapotranspiration. At Barn Island, during 
high tide, the salinity was close to that of seawater (Figure 16). During the 
transition from high to low tide, the level of the water overlying the mat decreased 
(evaporated due to wind and temperature increase), and salinity increased to 50 
(Figure 16).  Higher salinities have been observed at this site, with maximum 
values in excess of 200 (Figure 41) (Visscher, pers. comm.). Such extreme ionic 
concentrations change the electrolyte composition of the water and may inhibit 
dissolution. In addition, during desiccation, salt crystals may form and the 
resulting mechanical stress may damage frustules. 
 The salinity was manipulated in our experiments by adding NaCl only. The 
addition of other ions present in seawater may have increased dissolution (e.g. 
Na2CO3, KCl) or decreased dissolution (e.g. CaCl2 or MgCl2) (Barker et al., 
1994). Increased temperature and pH may have masked the effect of salinity. 
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Furthermore, salinities higher than 30 cannot be modeled using the MINEQL 
program. It is important to further explore silica dissolution under hypersaline 
conditions that occur frequently during evaporation of water overlying the mat. 
Freshwater input during (heavy) rain events may also influence dissolution. Large 
fluctuations in salinity changes the reactivity of silica and influence the rate of 
silica dissolution (Figure 41, section 4).   
4.4  The effect of silica source on dissolution 
Chemical dissolution experiments showed that, despite similar amounts of 
silica at the beginning of the experiments, T. pseudonana dissolved faster and 
reached greater percentages of total dissolved silica than N. closterium (Figure 
26, Table 5). This could be explained by the difference in frustule thickness:  T. 
pseudonana (a centric pelagic diatom) has a thin frustule and N. closterium (a 
pennate benthic diatom) has a thicker frustule.  There is large inter- and intra-
species variability in the rate of dissolution of diatoms, with the half-life of 
particulate silica varying by a factor of 30 among 24 taxa (Ryves et al., 2001). 
The frustule thickness varies with growth rate: for example, nutrient availability 
(e.g. Si, N, P, Fe) has been linked to frustule thickness. The silica content of 
diatoms differs based on whether the species is benthic or pelagic, freshwater or 
marine, or depending on environmental conditions (e.g. temperature). Benthic, 
freshwater, and slow-growing diatom frustules tend be more resistant to 
dissolution, while pelagic, marine, and fast growing diatoms tend to dissolve 
more rapidly (Loucaides et al., 2012).  
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Frustules from cultivated diatom species dissolved much faster than 
(aged) diatomaceous earth (e.g., Celite) (Figure 26, panels C and D). Only a 
small fraction (7.7% at 20oC) of the Celite dissolved over the course of the 
experiment, even though the same amount of total silica was added to each 
treatment. At higher temperatures more Celite dissolved (12.3% at 40oC).  This is 
corroborated by other researchers who showed a significant decrease in the 
solubility of aged versus fresh diatoms (Loucaides et al., 2010).  
Diatom frustules consist of biogenic silica, which is an amorphous type of 
silica (Kamatani, 1971; Perry, 1989) without a crystal structure and uniform 
lattice, such as that present in crystalline quartz (Dove et al., 2008). Quartz 
grains can be trapped and bound by the EPS at the surface of the mat (Dupraz 
and Visscher, 2005) in Barn Island through aeolian input and tidal water 
movement.  Because of its amorphous crystal structure, biogenic silica from 
diatom frustules dissolves more readily than quartz grains. Consequently, 
increases in pH and temperature will affect the dissolution of frustules more than 
that of quartz. Given the right conditions, even quartz grains can ultimately 
dissolve, but at a much slower rate (Figure 39, right panel). The solubility of the 
silica polymorph is a function of its crystal structure, which determines the rate of 
dissolution (Figure 41, section 2). A distinction must be made between biogenic 
silica and crystalline quartz when evaluating rate of dissolution.  
4.5  Identifying visible alteration of the frustule using microscopy  
 
At the end of the chemical dissolution experiments, frustules were still 
visible (Figure 27 and 28, panel C). Initially, these fragments were thought to 
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contain residual silica. However, after complete digestion (see section 2.2.2), it 
appeared that the residual material was organic, and deplete of silica. This 
organic matter could consist of residual proteins, polymers, and carbohydrates 
that are commonly part of the frustule (Soler et al., 2010). Degradation of these 
other components of the cell (for example, by chitinolytic heterotrophic bacteria) 
may enhance silica dissolution. Diatoms take up silicic acid from the water and 
concentrate it in a silica deposition vesicle to produce biogenic silica, which forms 
a rigid and protective frustule. There is a thin organic coating of pectin on the 
outside of the frustule that makes it more resistant to chemical dissolution 
(Vrieling et al., 1999).  Most of the organic coating was assumed to be removed 
using H2O2 during the experiments in this study; however, some organic 
materials incorporated into the frustule remained. Future work could include 
assessing the impact of other microbes within the mat, such as sulfate-reducing 
bacteria and other heterotrophs.    
Frustules in various states of dissolution showed fracturing and 
fragmenting (Figure 27 and 28). As the surface area increases through 
mechanical processes, dissolution of biogenic silica in diatom frustules will 
increase (Ryves et al., 2001). As a fresh area is exposed, it is made susceptible 
to hydrolysis (Xiao and Lasaga, 1996). The surface area of the amorphous silica 
is enlarged during fracturing. This enlarged surface is exposed to the bulk 
solution, which expedites the dissolution process. Sediment desiccation could 
expedite frustule destruction through salt crystal formation that can fracture the 
diatoms (Flower, 1993). Ice crystals could affect the frustules in a similar way as 
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salt crystals. The relationship between dissolution and surface area is critical 
(Figure 41, section 5).  
4.6 Silica dissolution in cyanobacterial incubations 
Cyanobacterial incubations showed a rapid increase in pH during the light 
from pH 7.5 to pH 10.3 (Figure 33). However, this increase in pH was 
accompanied only by a slight increase in the concentration of dissolved silica at 
the end of the experiment, when compared to controls. This increase was lower 
than expected from the chemical dissolution experiments. This could have been 
due to the presence of EPS around the frustule (Figure 32) or a difference in the 
ionic composition of the solution (ASN-III versus carbonate buffer). The extent to 
which dissolution is enhanced could be amplified in more extreme environmental 
conditions (Figure 40).  
The initial cyanobacterial enrichments (e.g., before using dialysis bags to 
contain the frustules) show diatoms covered in EPS in close proximity to the 
cyanobacterial filaments (in other words, attached to the surface of the 
cyanobacterial sheath material) (Figure 32). The presence of an EPS cover 
provides a physical barrier preventing dissolution. The interaction at the frustule 
surface is controlled by the physicochemical properties of the EPS and not the 
bulk solution. The chemical composition of the EPS produced by organisms 
within the mat is heterogeneous and microenvironments of increased pH and 
alkalinity could influence mineral precipitation or dissolution (Visscher and Stolz, 
2005; Dupraz and Visscher, 2005). Future work would involve exploring the 
effects of EPS on diatom dissolution and preservation.  
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4.7 Microbial mat experiments in the laboratory  
 Microscopy of Barn Island mats confirmed the observation that diatoms 
are present at the surface of the mat but not at depth (Figure 15). However, it 
was difficult to observe the disappearance of diatoms in the laboratory seeding 
experiments. Initially diatom frustules were added to the surface of a mat with the 
objective to observe their disappearance over time. However, large pennate 
diatoms were abundant at the surface of the mat (Figure 15, panel A), which 
made it nearly impossible to see the frustules that had been added.  It would be 
an improvement to either remove the existing diatoms (e.g. physically remove the 
indigenous diatoms or deplete the mat of silica) or sample mats without diatoms 
present.  
4.8 Controls on silica dissolution 
As discussed above, the rate of silica dissolution is controlled by key 
factors that include: 1) the nature of the solid, 2) the temperature, 3) the pH, 4) 
the electrolyte composition, 5) the surface area, 6) the roughness and 7) the 
degree of undersaturation (Figure 30) (Loucaides et al., 2012).  The rate of silica 
dissolution (R) is a function of the rate coefficient (ko), which is related to the 
nature of the solid and temperature, 2) a dimensionless factor (g) related to the 
chemical composition (e.g. pH and electrolyte composition) of the surrounding 
solution, 3) the reactive surface area (As) (e.g. the surface area and roughness) 
and 4) the degree of undersaturation (f(Ω)).  The degree of undersaturation (f(Ω)) 
increases as the silica concentration decreases or the equilibrium concentration 
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increases. The more silica can dissolve (Ceq increases), the greater the degree of 
undersaturation (Equation 5) and thus, the greater the value of R.   
 
Figure 41. Function of the rate of dissolution for silica adapted from Loucaides et al., 2012. Ko 
represents the intrinsic reactivity of the silica. g is a dimensionless factor that accounts for the 
solution induced reactivity. As accounts for the surface area and roughness of the mineral. f(Ω) is 
the degree of undersaturation. See discussion of individual effects below.  
4.9 Evolutionary perspectives through geologic time 
Microbial mats are self-contained ecosystems in which organisms have 
evolved over time into niches to maximize their survival. In microbial mats, 
cyanobacteria dominate the shallow subsurface of the mat due to the availability 
of light for photosynthesis. Dead cyanobacterial sheaths and pigmented EPS 
from diatoms quench light at the surface of the mat. The colonization of 
cyanobacteria in this subsurface layer forces other organisms to occupy lower 
layers of the mat. Cyanobacteria can also physically penetrate and dissolve 
diatom frustules to maximize space and eliminate competition. Cyanobacteria are 
responsible for the pitting and etching of glass substrates, which would decrease 
preservation potential for silica frustules (Staudigel et al., 1995). 
The dissolution of frustules by cyanobacteria is advantageous for diatoms 
because it releases silica back into the water column, enabling the development 
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of future populations. Since the proliferation of diatoms, the ocean has been 
undersaturated with respect to silica (Sims et al. 2006). Therefore, diatoms today 
live in a corrosive environment in which they would start to dissolve immediately 
upon formation without protection. Diatoms are protected from dissolution while 
they are alive by an organic coating that forms from the silica deposition vessel 
as the cell wall develops. After cell lysis, the organic coating is removed through 
bacterial degradation, which accelerates dissolution and enables the 
development of new frustules (Bidle and Azam 1999).  
 The dissolution of diatoms and accumulation of dissolved silica within 
microbial mats leads to the formation clay coatings and possibly amorphous 
silicates, and is associated with the presence of diatoms. The precipitation of clay 
minerals could be why there are not higher concentrations of silica observed 
during cyanobacterial dissolution experiments. Fine-grained sediments are a 
preferred environment for diatoms, whereas cyanobacteria prefer more coarse-
grained sediments, so diatoms may facilitate their success through the formation 
of these clays. Clay formation would impact diagenesis and fossil formation. 
The discrepancy between when diatoms first appear in the fossil record 
and when molecular dating predicts their evolution is in part due to a lack of 
preservation. The frustules of early diatoms were thought to have been much 
thinner and comprised of scales that dissociated after cell lysis (Sims et al., 
2006). It is likely that these diatoms were not well preserved, and even if they 
were preserved, subduction of seafloor sediments may have removed much 
evidence of fossils before the Jurassic. Therefore, it is not surprising that we see 
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this gap between molecular dating and the fossil record. Molecular dating tends 
to overestimate the origins of species, so the origin of diatoms likely falls 
between phylogenetic estimates of diatom evolution (500 mya) and fossil 
evidence (190 mya). 
4.10 Conclusions  
The hypothesis underlying this study was cyanobacterial 
photosynthesis locally increases the pH, which results in dissolution of 
diatom frustules. In other words, the increase in pH resulting from 
cyanobacterial photosynthesis is the driving force behind dissolution of diatoms 
in microbial mats, and this is why diatoms are not found at depth. The effect of 
pH on the dissolution of silica was confirmed in this study, although several other 
factors also contributed to diatom dissolution and should be considered. These 
factors include the lack of a crystalline silica structure, the temperature, the 
salinity (i.e., the electrolyte composition), the surface area, the roughness and 
the equilibrium concentration of the solution (Figure 41). Most of these 
components are more or less affected by the environmental fluctuations typical 
for intertidal microbial mats. Diatom frustules are more susceptible to these 
fluctuations due to the amorphous crystal structure of biogenic silica compared to 
quartz grains (Figure 41, section 2). Diel, tidal and seasonal fluctuations 
influence temperature, salinity and pH. For example, during the middle of a 
warm, windy summer day and at low tide, all of these factors significantly 
enhance silica dissolution (Figure 41, section 1,3-4). Higher temperatures and pH 
also increase the equilibrium concentration, which increases the degree of 
 83 
undersaturation (f(Ω)) and thus enhances dissolution (Figure 41, section 6). 
Mechanical weathering through freezing and thawing as well as desiccation 
could fracture frustules and increase surface area (Figure 41, section 5). As 
dissolution is enhanced, the roughness of the frustule surface increases, 
especially in the honeycomb structure of the cell wall (Figure 6) (Figure 41, 
section 5).  Each of the terms that control silica dissolution (Figure 41) can be 
enhanced by the highly variable environmental conditions of microbial mats, 
which makes a strong argument that during peak levels of pH, temperature, 
salinity etc., the rate of dissolution of frustules within the mat would be high and 
thus the preservation compromised. This would explain the disappearance of 
diatoms with depth in microbial mats. The mat community plays an important role 
in the dissolution of diatom frustules and their ability to be preserved in the fossil 
record. To better interpret the fossil record, the lack of preservation of diatoms in 
mats must be considered; otherwise, diatom abundance in fossil mats may be 
underestimated.   
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6.0 APPENDIX 
 
 
Figure 42. Dissolved silica analysis 6/8/17: Standard Curve. R2= 0.9995. n=3 
y = 0.0062x + 0.0071
R² = 0.9995
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